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Using single molecule magnetic tweezers to dissect
titin energy release during muscle contraction
Edward C. Eckels
Mechanical forces regulate biological processes in unique and unexpected ways, but many
biochemical methods are unable to reproduce the vectorial stretching experienced by proteins in
cells. Force spectroscopy techniques remedy these shortcomings by utilizing microscopic force
probes to stretch and relax single protein, DNA, and RNA molecules. The central focus of
this thesis is the development and implementation of a custom-built protein magnetic tweezers
for unfolding and refolding Ig domains from titin, a critical filament of the sarcomere, and the
longest continuous peptide in the human body. Suspended from the Z-disc to the tip of the
thick filament, titin sustains the brunt of intracellular forces during muscle elongation. Since
the discovery of titin, it has been widely debated whether Ig domain unfolding contributes
to muscle mechanics. A combination of single quantum dot tracking in myofibrils extracted
from rabbit muscle and single molecule magnetic tweezers experiments on recombinant titin
fragments confirms, for the first time, the presence of titin Ig domain unfolding and refolding at
physiological sarcomere lengths and stretching forces. The magnetic tweezers experiments show
the surprising ability of titin Ig domains to generate piconewton level forces during folding, and
we advance the hypothesis that titin folding is an important source of energy during muscle
contraction. Muscle elongation recruits Ig domains to the unfolded state, whereby folding is
initiated through reduction of force on titin upon actomyosin crossbridges formation. Magnetic
tweezers measurements demonstrate that titin Ig folding generates peak work, velocity, and
power output of 64 zJ, 1.9 µm s−1, and 6.000 zW, matching or exceeding the equivalent single
molecule measurements from single molecule myosin II powerstrokes. The forces generated by
protein folding are therefore likely to be an integral part of the contractile process of animal
muscle.
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Mechanical unfolding of proteins in
cells
Ever since Anfinsen performed his first unfolding experiments, biochemists have comfortably reached
for their urea and guanidine hydrochloride salts when performing protein folding experiments. Such
assays have gained wide popularity because little more than a spectrophotometer is needed to per-
form the experiment, which have become the basis for determining the thermodynamic stability of
proteins. The phi-value studies of small globular protein folds, combined with the massive amounts
of structural data now available on proteins, led to the development of powerful protein fold pre-
diction tools that allowed for de novo protein design, refinement of crystal and cryo-em structures,
and understanding drug docking and ligand receptor interactions. However, the experiments that
informed these studies could not be further from physiological conditions. Proteins never find
themselves in 6 M urea or guanidine hydrochloride inside cells or in extracellular spaces. Even
salt-loving halophilic bacteria, which have adapted to withstand high salinity conditions of several
molar sodium chloride, cannot survive in high concentrations of other chaotropic salts. While it
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is becoming increasingly clear that protein unfolding-refolding is a crucial part of many cellular
processes, the ability of chemical denaturation experiments to provide physiological answers and
mechanisms is questionable. What then are the main denaturants of proteins in cells and tissues?
pH is a factor known to influence the stability of proteins and the ability to fold, and protons
can be concentrated to great numbers in the lysosome or the mucosal lining of the stomach. But
this low pH is more for boosting the efficiency of various peptidases involved in the breakdown of
the amino acid backbone than in denaturing folded proteins. Urea is concentrated in the kidneys,
but only to levels of a few millilmolar, far lower than the amounts needed to chemically denature
proteins.
One sure place where the majority of the proteins experience mechanical forces is in the protea-
some complex. In order to prevent unwanted aggregation of unfolded and misfolded proteins, the
cell has developed a system by which incorrectly folded proteins are tagged with ubiquitin several
molecules, which allows for shuttling and recognition by the proteasome. The mouth of the protea-
some typically consists of a hexameric AAA+ motor, which engages and mechanically pulls on its
substrate by hydrolyzing ATP, before feeding it to the protease subunit. Recently, single molecule
force spectroscopy was used to demonstrate the mechanical unfolding of globular domains fed into
the mouth of the proteasome complex, generating forces in excess of 20 pN during translocation
of the polypeptide chain [1, 2]. In this situation, it is very clear that the AAA+ motor exerts
vectorial forces on the peptide, by pulling from the C-terminus of the protein, while the protein
fights back by trying to return to the unfolded state, impeding the progress of the motor. For
these reasons, the motor domains must burn more molecules of ATP to successfully unfold and
degrade mechanically stable proteins than weak ones. Therefore the ability of the protein to exert
force by refolding is a crucial part of understanding how this system works. The same is true for
nascent chain folding on the mouth of the ribosome. It has long been known that polypeptide
synthesis and elongation can become frustrated as the nascent chain experiences strong binding
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and friction in the ribosomal exit tunnel. This phenomenon can cause stalling of the ribosome
and arrest peptide synthesis. Using optical tweezers, it was recently shown that protein folding on
the mouth of the ribosome can transmit forces to the polypeptide stuck in the ribosomal tunnel,
releasing any hindering interactions, and allowing synthesis to proceed [3, 4]. Similar forces are
at play during cotranslational folding of peptides emerging from membrane translocons, such as
the Sec complex in bacteria and Sec61 in Eukarya. What about the cytoskeleton—there are many
motor proteins known to generate forces and transmit them along cytoskeletal fibers—could these
forces play a role in mechanical denaturing of proteins? Biologists have long realized that cells can
sense and respond to forces or mechanical cues, for example, the stereocilia on the hair cells of
the inner ear, or ion channels that mediate the sense of touch. These are very complex systems
where the exact mechanisms of force transduction and how the forces are converted into signals
transmitted by the nervous system are still being worked out. However there are a few simpler
cases where it has become clear that protein folding and unfolding confers important mechanical
properties to the cytoskeleton, allows for maturation of stable cytoskeletal structures, and even
influences downstream gene regulation related to cell migration and rigidity sensing. The following
section review systems in mechanobiology in which protein folding/unfolding reactions are thought
to play an important role in modulating the mechanical properties of the tissue. We focus mainly
on the mechanics of titin, the massive tandem modular cytoskeletal protein of muscle, originally
though to simply scaffold the thick and thin filaments but now known to have a much broader role
in muscle mechanics. The discussion here is adapted from Annual Reviews of Physiology 80:327-351
by Eckels et al.
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1.1 Titin unfolding: the elasticity-contractility hypothesis
For most of the past century, the existence of titin, the largest protein in the human body, was
unknown[5]. Unsurprisingly, theories of muscle contraction were based on the molecules known at
the time, specifically actin and myosin. But on the eve of the discovery of the sliding filament
hypothesis, there existed several competing theories that uncannily anticipated the role of a titin-
like filament in the mechanism of muscle contraction. In 1952 Milton Polissar, a close collaborator
of physical chemist Henry Eyring, used kinetic rate theory to predict the existence of a segmented
filament composed of 100 independent contractile units that could shorten to do mechanical work
under force[6]. His ideas fell to the wayside when the sliding filament theory was developed with
ample experimental support. In a fascinating twist of fate, we know today that both theories
are correct and that both mechanisms contribute to muscle contraction. There is now conclusive
evidence to establish that the muscle sarcomere is comprised of three main filaments that work in
concert to store elastic energy and perform mechanical work: titin, actin and myosin. The evidence
of titin as the third filament in muscle was initially taken with skepticism, and it took several
decades before the presence of titin in the sarcomere was widely accepted[7]. Nearly a century
elapsed between the discovery of myosin and development of the sliding filament hypothesis; we
are undoubtedly in only the early stages of understanding the physiological functions of titin.
Titin is the largest protein in the human body, consisting of a single polypeptide chain with
the largest known isoform having a molecular weight of 4.2 MDa[8]. Each titin filament spans
an entire half sarcomere, which is divided into four distinct regions easily recognized under the
microscope (Figure 1A). The I-band of muscle is variable in length and is comprised mainly of
the actin filaments, which run parallel to titin. Depending on the degree of sarcomere strain,
some portion of the actin filament may run into the A-band. The A-band is demarcated by the
ends of the thick filament, which is a bundle of 294 myosin molecules, and is found to be 1.65
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um long in most vertebrate species. When cross sections of muscle are viewed with the electron
microscope, one can see that the fibers are arranged in a hexagonal lattice with six actin filaments
surrounding each myosin bundle[9]. The thick filaments are held together by proteins in the M-
line while the actin filaments are anchored to alpha-actinin in the Z-disc. Titin is found in each
of these four regions of muscle[10]. The N-terminus of titin contains nine immunoglobulin (Ig)
domains (Figure 1A, green) that also bind to proteins in the Z-disc. Titin of the I-band region
(Figure 1A, red) contains alternatively spliced exons that encode up to 100 Ig domains as well
as intrinsically disordered regions, namely the N2-B sequence and PEVK sequence, which is rich
in proline, glutamate, valine, and lysine residues. It is important to note that the number of Ig
domains and unstructured amino acids found in the I-band depends on alternative splicing and is
thought to be different for each muscle group. Although the longest skeletal isoforms may have
100 Ig domains, the predominant N2B titin isoform of cardiac tissue has only 47 Ig domains and
735 unstructured amino acid residues. The size of the titin isoform is important for understanding
the forces experienced by titin at any given sarcomere length. The A-band region of titin (Figure
1A, gray), contains both Ig and fibronectin domains that are tightly bound to the thick filament.
Finally, the M-band section of titin (Figure 1A, blue) contains the titin (pseudo)kinase and 10 Ig
domains, and is responsible for binding to the adjacent titin and other structural proteins. This
review is concerned mainly with the force generating capabilities of the elastic I-band segment of
titin but there are many excellent resources discussing the titin and muscle ultrastructure. In the
sliding filament hypothesis of muscle contraction, ATP hydrolysis and inorganic phosphate release
result in structural changes of the myosin neck while the myosin head is bound to actin. This
motion moves the thick filament relative to actin to generate force[11]. While it is beyond doubt
that the chemical energy of ATP powers the cycling of myosin motors as they slide along the actin
filaments during a contraction, the role of titin during shortening is poorly understood and requires
the sustained focus of the muscle community to be clarified. There are several competing theories
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Figure 1.1: Magnetic tweezers force spectroscopy shows titin refolding against a pulling force. (A) Schematic
depicting a skeletal muscle fiber in rigor at a sarcomere length of ∼2.6 µm. Titin consists of four regions: the
N-terminal segment (green circles), is made of immunoglobulin-like (Ig) domains and anchors titin to the Z disc;
the I-band segment is the elastic component and contains two types of domains, tandem Ig-domains (red circles)
and intrinsically disordered structures (N2-B and PEVK); the A-band region (white circles) is comprised of Ig
and fibronectin type-III (FNIII) domains responsible for titin binding tightly to the thick filament; finally, the C-
terminal segment (blue circles) contains 10 Ig domains and anchors titin to the proteins of the M-band. (B) Typical
recording of a magnetic tweezers experiment. First a high force pulse (105 pN) results in unfolding of eight Ig-
domains measured as upwards steps (black arrowheads) of 25 nm (see Figure 2A). Upon reducing the force (5 pN),
the molecule first experiences an instantaneous elastic contraction (1), followed by a folding contraction (2) where
the individual domains refold as discrete downward steps (red arrowheads) that shorten the polypeptide. The gray
dashed trace shows a projected unfolding trajectory at a physiological force of 10 pN, requiring ∼6 hours for complete
unfolding. (Inset) The titin polyprotein is anchored to the glass surface by Halo-Tag covalent chemistry and to a
superparamagnetic bead using biotin-streptavidin linkage.
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for how titin might generate force during a muscle contraction, but experiments at the muscle fiber
level have failed to elucidate a molecular mechanism. Over the last 20 years, technical advances
in force spectroscopy combined with protein engineering have been used to study titin dynamics
under force. Force spectroscopy data shows that titin stores and delivers elastic energy mostly
by unfolding and refolding its numerous tandem Ig domain modules. It is now our responsibility
to advance the knowledge of muscle contraction by incorporating titin folding dynamics into the
framework of the sliding filament hypothesis. Here we make such an attempt.
Studies of titin under force
Traditional bulk biochemistry techniques such as chemical and thermal denaturation are not practi-
cal for understanding the function of titin within muscle. Titin operates in vivo under a mechanical
load up to ∼15 pN, with the load applied along a vector between titin’s attachments to the Z-disc
and the tip of the thick filament. Single molecule force spectroscopy techniques such as atomic
force microscopy (AFM), magnetic tweezers, and optical tweezers probe the nanoscale mechanics of
titin along the same reaction coordinate that is experienced in vivo, providing more physiological
insight than bulk techniques. With the emerging view that force modulates a variety of cellular
processes by triggering conformational changes at a protein level, these techniques are quickly be-
coming an indispensable tool for understanding cell mechanics. The basic execution of a protein
force spectroscopy experiment requires tethering of a single polypeptide chain between an immobile
surface and microscopic probe that can be positioned to apply tension. For AFM studies, the force
probe is a silicon nitride microcantilever that can be measured with nanometer, or even Angstrom
precision, using high speed laser detection. Gradual changes in polypeptide length due to stretch-
ing, or abrupt changes in length due to domain unfolding and refolding can be measured with high
spatiotemporal resolution. The very first recording of reversible protein unfolding at nanometer
resolution was carried out with micrometer long titin as a substrate[12]. Using the AFM, native
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titin purified from bovine tissue was stretched at high force and allowed to refold by approaching
the cantilever tip back to the pulling surface. Titin was a natural choice for these experiments,
given that it contains many nearly identical in size immunoglobulin domains that produce the
“sawtooth” pattern characteristic in constant velocity single molecule pulling experiments. Similar
results using optical tweezers to stretch native titin filaments at high force demonstrated yielding
of the protein in a stepwise or gradual manner, indicative of single domain unfolding events[13].
Recombinant protein engineering and molecular cloning techniques allowed smaller, more manage-
able portions of the elastic titin I-band to the studied in great detail. This revealed a mechanical
hierarchy within the Ig domains, with proximal Ig domains (nearer to the N-terminal) having lower
mechanical stability than the distal Ig domains of the I-band[14]. Further engineering of a covalent
HaloTag anchor to either the N- or C-terminus of the protein has permitted specific immobilization
of recombinant titin proteins for study at high force and long durations.
Over the past two decades, force spectroscopy has benefitted greatly from improvements in
instrumentation and technology. Before the invention of the force-clamp AFM, some very simple
measurements of folding under force were possible[15]. In these experiments, a protein construct
containing eight tandem titin Ig domains was first unfolded by pulling the AFM cantilever at
constant velocity. The tip of the cantilever was subsequently lowered to within a short distance
(tens of nanometers) from the pulling surface and held there for a few seconds without touching.
This procedure had the effect of leaving a residual force on the protein. Upon pulling the cantilever
again, the number of domains that had folded could be counted. Those experiments showed that
the refolding rate strongly depended on the degree of relaxation of the unfolded protein, which
provided evidence that the refolding rate depended steeply on the residual force. However, in
those early experiments, the force under which the protein was folding could not be measured
directly. This required development of the force-clamp AFM, which like the voltage-clamp and
patch-clamp techniques that allowed us to study the action potential and single ion channel gating,
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greatly advanced our understanding of protein folding by providing the first direct observation
of protein folding trajectories under force[16]. Force-clamp spectroscopy unambiguously follows
single polyprotein unfolding and refolding trajectories under a defined pulling force by tracking
the protein end-to-end length with nanometer resolution. It provides feedback control to ensure
that the force on the protein remains constant even as the length of the protein changes during
unfolding-refolding reactions, at forces ranging from tens to thousands of piconewtons. This allowed
for the study of the kinetics and the force dependency of protein folding and other biochemical
reactions. Applying the AFM force-clamp instrument to measure folding proteins revealed three
distinct transitions during the transformation of a protein from a random coil to a native fold,
and the results paint a very different picture than what is seen using bulk techniques. Using
protein constructs consisting of tandem ubiquitin domains, Fernandez and Li demonstrated that
upon quenching the pulling force on an unfolded protein, the protein first recoiled elastically, and
then after a lag, it contracted against the pulling force doing mechanical work as it shortened
towards its fully folded length. After the force quench, a subsequent high force pulse revealed the
fingerprint of the folded domains, proving that these collapse trajectories were true observations
of the folding process. Similar experiments using shorter quench durations revealed the presence
of a mechanically weak state that served as precursor for the fully folded proteins, similar to what
has been dubbed the “molten globule” state[17]. These experiments provided a framework for
understanding the physics of proteins folding under force. First, a protein extended under force
experiences elastic recoil when the force is reduced, as seen in Figure 1B. The reduction in force
results in a large increase in polymer entropy that must be shed for the protein to fold. Removal
of this entropy requires crossing an energetic barrier created by the pulling force known as the
entropic barrier. This transition, known as the collapse to molten globule transition, is thought to
be driven by sequestration of hydrophobic residues into the core of the protein and results in the
downwards steps seen in Figure 1B. Further reduction in configurational entropy is achieved through
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maturation from the molten globule to the native state, likely through formation of hydrogen bonds
in the mechanical clamp. This molten globule to native transition results in very small changes
in the end-to-end length of the protein so the different states must be detected by the drastically
different mechanical stability of the molten globule and native states. The classic two-state models
assumed in bulk studies of chemical denaturation or phi-value analysis are irreconcilable with the
extended, collapsed, molten globule, and native states seen in single molecule folding experiments.
Single molecule force spectroscopy offers much greater detail about the folding pathways compared
to these techniques. As we will see, the magnetic tweezers provide even better resolved folding
trajectories. We propose that the physiological force range for the load on titin during normal
muscle activity is the force range over which the Ig domains exist in equilibrium between the folded
and unfolded states. This can be quantified through the folding probability, which measures the
fraction of time a titin Ig domain will spend folded at any given force. The folding probability of
titin Ig domains I10 and I91 measured with magnetic tweezers force spectroscopy is summarized
in Figure 2C (blue circles), and can be fit with a sigmoid function that describes the midpoint
and the steepness of the folding reaction (blue curve, Figure 2C and 2D). It is clear that titin Ig
domains are completely folded below forces of 4 pN and do not fold at forces much higher than
10 pN. There is now evidence that extends this force range up to 15 pN. The I-band region of
titin is cysteine rich [18, 19]and many of these residues form disulfide bonds that alter the polymer
dynamics of the unfolded state. One consequence of this is that it allows titin Ig domains to fold
at much higher forces, up to 15 pN, without having much effect on the mechanical stability of the
folded state. Force-clamp spectroscopy additionally allows simple quantification of the amount of
contractile work performed by a titin domain that is folding against an applied load. At any given
force, the amount of contractile work done on the system or by the system is the product of the
force and the step size[20]. The work done by folding of I10 and I91 is shown by the red curve in
Figure 2D, which is the integral of the freely-jointed chain curve with respect to force. Multiplying
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Figure 1.2: Mechanical work generated by Ig domain folding is quantifiable using force-clamp magnetic tweezers. (A)
Ig domain unfolding/refolding under a mechanical tension. Under a pulling force of ∼6 pN, Ig domains unfold and
refold in equilibrium, extending or shortening by ∼13 nm, following scaling laws of polymer physics. (B) Magnitude
of the step size measured during unfolding/refolding events as a function of the force for the I10 and I91 titin Ig
domains. The dependence of the step size can be well described by a freely-jointed chain model (solid line) with
Kuhn length lk = 0.9 nm and contour length Lc=25 nm. (C) Folding probability of the Ig domains, calculated from
the equilibrium fraction of folded domains (blue circles), at a given pulling force. Titin Ig domains can unfold at
forces as low as 4 pN and fold at forces as high as 10 pN. The data can be well represented by a sigmoid function
(solid line) with midpoint of ∼6 pN. (D) The expected work generated by titin Ig domain folding can be obtained as
the product of the folding probability (blue line) and the work done by the folding contraction (red line), obtained
from numerical integration of the freely jointed chain model used to fit the step sizes. Titin Ig domains generate a
peak work of 46 zJ at 5.7 pN, comparable to the energy delivered by the myosin motors.
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the curve representing contractile work done with the folding probability gives the expected value
of energy recovery by protein folding at any given force (black curve, Figure 2D). This distribution
shows that titin Ig folding generates a maximum expected amount of work of 47 zJ against a load
of 5.7 pN. At higher loads, close to 10 pN, the energy recovery is maximized but the domains fold
less frequently. Alternatively, at lighter loads, the energy recovery is minimal because the step size
of protein folding is small and most of the energy is dissipated in the elastic recoil. Thus we are
able to predict the amount of energy storage and release through titin folding if forces on single
titin filaments can be determined in vivo.
How the three filaments work together
Single molecule experiments have provided a strong foundation not only for understanding the
energetics of protein folding, but also for understanding the basis of force generation of single
myosin motors. This provides a means for fair comparison between contractile properties of titin
Ig folding versus the myosin power stroke. Single molecule force spectroscopy on single or small
ensembles of myosin motors have revealed an inherent limit on the amount of useful mechanical
work that ATP driven motors can perform. If a great enough load is applied to the motor, its
power output will drop to zero. A cyclist pedaling uphill is keenly aware of this bit of physics.
The early muscle pioneer A.V. Hill captured these effects with his famed “Hill Equation” that
describes the hyperbolic relationship between contractile velocity and loading [21]. In vitro assays
have shown that the velocity of unloaded muscle can be very high, but applying even a small
load to the muscle myosin II motors causes the sliding velocity to drop precipitously. The seminal
experiments probing single skeletal myosin mechanics showed that under approximately isometric
conditions, the average force produced per motor is 3.4 pN[22]. Rarely, the myosin was able to
generate sustained force transients in the 6-7 pN range. More recently, the same experiment was
performed but with small bundles of ∼8 myosin motors in an attempt to determine the single
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molecule force-velocity relationship (Figure 3A, green curve)[23]. The myosin motors again showed
net zero displacement of the actin filaments at an applied load of 6.0 pN, reaffirming that there is an
upper limit to the performance of these molecular machines, which has since been reaffirmed with
higher resolution optical tweezers. Others have shown that the stalling forces of kinesin, myosin V,
and dynein are all in the 6-7 pN range [24, 25]. These studies used force clamp to reduce transducer
compliance and maximize the force generation of the molecular motor. From these data it is logical
to conclude that at forces of 6 pN, myosin II motors cannot advance along the actin filament to
generate contractile work. By contrast, we showed that titin folding delivers near peak power at
a load of 6 pN, where the myosin II motor is stalled (Figures 2D and 3A). A plausible scenario
in which this might occur during muscle contraction is when the sarcomere is passively loaded
so that each titin filament bears 12 pN of force. How might this load distribute between titin
and myosin before and after muscle activation? If one considers the 147 double-headed myosin
molecules present in the half thick filament and the 6 titin molecules per half sarcomere, then
there is an absolute maximum ratio of 25 myosin molecules per titin filament. However, not all
myosin heads are attaching to actin binding sites in a shortening muscle. Muscle myosin is a non-
processive motor where the percentage of myosin heads attaching to actin during a contraction has
been estimated at 10-20% of the maximum number of available attachment sites. By measuring the
compliance of muscle fibers during a contraction, it was calculated that up to 84 (∼28%) myosin
heads/thick filament might be engaged and that the number of attached heads changes steeply both
with filament overlap and with shortening velocity[26]. However, titin elasticity was not considered
in those experiments, and given that titin becomes stiffer as its domains fold, a fraction of the
observed changes in stiffness may originate from the titin filament rather than myosin, leading to
an overestimate in the number of myosin motors engaged in a contracting muscle. At physiological
sarcomere extensions of 3.1 µm in rabbit psoas or 3.4 µm in human extensor digitorum, the degree
of overlap between the thick and thin filaments would be reduced and further lower the number of
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Figure 1.3: Titin enables muscle to work at loads beyond the stall force of myosin. (A) Comparison of the energetics
of the myosin motor and the titin Ig domain from single molecule studies: data from an experiment in which ∼8
myosin heads propelled an actin filament in an optical trap show that myosin is stalled against a load of 6 pN. The
data is fit with the A.V. Hill equation (green curve). Alternatively, titin Ig domains achieve optimal delivery of 46 zJ
of work at forces of ∼5.7 pN (peak of blue curve). Thus, at loads of 6 – 12 pN (gray shaded area), titin folding can
generate useful contractile work, whereas the myosin power output is negative. (B) Titin folding allows the myosin
motors to advance: (1) before the muscle is activated, titin bears the entire passive load of 12 pN, resulting in Ig
domain unfolding. (2) Upon calcium release, actomyosin crossbridges form, but the motor can only generate a force
of 6 pN so it is stalled. However, the force generated by the motor reduces the load experienced by the titin domain
to 6 pN, which results in a refolding step of ∼10 nm. (3) The process of protein folding shortens the titin filament,
which relieves strain on the myosin motor and allows completion of the power stroke. From this mechanism, it is
clear that titin cannot fold without formation of the crossbridge, but also that completion of the power stroke relies
on titin folding. 15
bound myosin heads. Hence, only 1-2 myosin heads per titin molecule are calculated to support a
contraction from such a stretched length.
Returning to the hypothetical scenario, titin bears the entire 12 pN load prior to muscle con-
traction, which recruits proximal Ig domains to the unfolded state (Figure 3B, upper panel). This
might occur during the priming of muscle for explosive shortening, for example during the windup
of a baseball pitcher. In the few milliseconds after muscle activation, the maximum number of cross
bridges is formed and the load is distributed through the mechanical network consisting of the three
muscle filaments in the sarcomere. The myosin motors will generate a maximum of 6 pN of force,
which would not be enough to shorten the sarcomere, but would reduce the load on all the titin Ig
domains to 6 pN (Figure 3B, middle panel). This would result first in the extremely rapid entropic
recoil of all the stretched titin molecules, followed by folding of titin at the force that recovers the
maximum available work (Figure 3A, peak of blue curve). Unlike previous theories that assume
titin recovers energy only via entropic elasticity, the majority of the energy recovered here actually
comes from the folding contraction. At a force of 12 pN, the change in contour length achieved
by going from the folded state to a random coil is 15.8 nm. Upon reduction of the force to 6.0
pN, there is 5.9 nm of entropic recoil followed by 9.9 nm of folding contraction (Figure 3B, middle
panel). Protein folding comprises 63% of the energy recovered from the unfolded polypeptide while
the elastic recoil contributes only 37%. The folding contraction is the dominant component of the
elasticity and energy storage of titin in the physiological force range. Thus, in this scenario, the
folding Ig domains relieve the stalled motors and permit the sarcomere to shorten, rather than
lengthen, under the 12 pN load (Figure 3B, lower panel). The energy that is stored by stretching
titin at 12 pN is returned only when the motors become engaged. This remarkable mechanism
readily extends the ability of a sarcomere to deliver mechanical power at loads well beyond the
stall force of its myosin II motors.
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Titin folding dictates the optimal sarcomere length of a contracting muscle.
The existence of the titin folding contraction may warrant the revisiting of some tenets of muscle
physiology. For example, it is generally accepted that the descending limb of the active force –
sarcomere length relationship is caused by the decreased overlap of the thick and thin filaments.
However, the force on the ascending limb is already submaximal at sarcomere lengths of 1.7-2.6
µm in human skeletal muscles[27]. The thick filament is only ∼1.6 µm long, so it is unlikely that
reduced force in this region of the ascending limb is caused by compression of the thick filament
against the Z-discs. An alternative explanation would be that isometric force in this region is
decreased because all titin Ig domains remain folded. Thus, there is no additional contractile
force generated by hydrophobic collapse of the titin polypeptide. Consider a hypothetical skeletal
muscle with a titin isoform of intermediate length and stiffness (Figure 4A, blue curve). This titin
isoform would permit the highest performance possible from muscle because the maximum change
in the titin folding probability falls squarely within the region of maximal active force generation
(Figure 4A, pink shaded area). Measurement of the maximal isometric force in the gray shaded
regions lacks the contribution of titin folding because titin either remains folded or unfolded at
those sarcomere lengths (Figure 4A, gray shaded area). These seemingly simple experiments that
support the foundation of muscle physiology are not so straightforward once considered in the
context of titin folding.
Synchronization of titin folding with actomyosin contraction
Our hypothesis for titin enhanced muscle contraction states that titin and myosin work cooper-
atively because titin folding depends on a reduction in force caused by engagement of the cross-
bridges. This mechanism predicts that the six titin molecules attached to a thick filament might
fold at the same time. Single molecule force spectroscopy studies have demonstrated the simple
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Figure 1.4: Titin folding occurs at physiological sarcomere lengths. (A) The active force versus sarcomere length
relationship of human skeletal muscle (black curve) is superimposed on the titin folding probability versus sarcomere
length relationship (grey curve) for a hypothetical muscle with a titin isoform of intermediate length. Here, the folding
probability quickly changes from zero to one in the range where active force is maximized, greatly enhancing the
muscle contractile force. On the ascending limb of the active force curve, titin remains folded and cannot contribute
to force generation at sarcomere lengths less than ∼2.5 µm. On the descending limb, titin provides mainly entropic
elastic restoring forces because there is very little folding at sarcomere lengths greater than ∼3.1 µm. Not all muscles
operate at the peak of the active force versus sarcomere length relationship, so it is likely that each muscle group
has a titin isoform alternatively spliced such that the titin folding probability falls in the working range of that
particular muscle group (87). (B) The segmentation of the titin I-band into many discrete Ig domains endows it
with special material properties. A titin under normal physiological conditions (solid blue curve) experiences folding
and unfolding of its Ig domains within the physiological force range of 4 – 15 pN (gray shaded area). The folding
probability and hence the elastic properties of titin can be altered by blocking the folding reaction altogether (e.g.
by S-glutathionylation, dashed blue curve). Introduction of intramolecular disulfide bonds through oxidative stress
or enzymes increases the forces at which the folding reaction occurs (solid gold curve). Binding of small molecules or
chaperones that increase the mechanical stability of titin would make the Ig domains more inextensible and increase
the overall stiffness of titin (dashed red curve). In reality, the elasticity of titin is some mixture of all of these curves
and depends on the metabolic state of the muscle.
scaling laws of parallel polyproteins. When protein domains are unfolded in parallel, they rupture
simultaneously, with twice the force and half the persistence length [28]. Therefore, we predict
that six titin Ig domains will also fold simultaneously due to their parallel arrangement around
the thick filament. When the first of the six parallel Ig domains folds stochastically, the force on
the other five is instantaneously reduced. The rate of unfolding or folding depends exponentially
on the force, so even a small reduction in the force would accelerate the folding of other parallel
domains. Hence, the power output from titin Ig folding is highly cooperative. Furthermore, it is
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misleading to say that actomyosin contraction is synchronous while titin folding is not [29]. It is
generally accepted that myosin driven muscle shortening occurs by cyclic asynchronous ATP-driven
actin-myosin contractions. The formation of a cross bridge relies on diffusional encounter of the
myosin head and actin filament which is by definition a stochastic process. Additionally, because
the energy released by hydrolysis of ATP is only an order of magnitude larger than kT, it is thought
that subsequent structural transitions of myosin rely, at least in part, on Brownian motion[30]. In
this view, the cycling of myosin motors and the folding of titin Ig domains are both stochastic, but
in our model occur simultaneously upon chemical activation of muscle.
1.2 Why protein folding?
The reversible deformation of muscle is a material property that is perhaps unmatched in other
tissues. Muscle must undergo continuous cycles of stretch and relax without demonstrating material
fatigue or hysteresis. For some muscle groups, the sarcomere may extend by up to 300 nm from
the fully contracted to fully extended state, which is about a 10% increase in its length[31]. The
proteins that contribute to reversible muscle elasticity must fulfill two opposing roles: they must
be soft enough so that the muscle can easily deform and does not hinder the contraction of the
opposing muscle group, and they must be stiff enough to prevent damage by overstretching muscle
and also store significant amounts of elastic energy that can be released during muscle contraction.
It turns out that polypeptide filaments can be excellent material for the storage and release of
elastic energy, if they are structured correctly.
Many cytoskeletal structures are rigid in the force range over which muscle operates. Micro-
tubules have a persistence length greater than a millimeter, while f-actin has a persistence length
of tens of microns. Intermediate filaments such as keratins and vimentins have a persistence length
of hundreds of nanometers up to a micron. Type I collagen, which consists of a triple helix of
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three individual polypeptide chains, is thought to have a persistence length of tens to hundreds of
nanometers. None of these materials are useful as an elastic storage mechanism simply because
they are too stiff. Over the range of forces experienced by single protein filaments during normal
muscle operation (1 - 15 pN), these proteins are already completely extended, like rigid rods, and
would resist muscle elongation. Alternatively, unstructured or unfolded polypeptide chains have
been characterized with a wide variety of techniques and have been shown to have a Kuhn length
ranging from 0.8 nm to 1.2 nm (equates to a persistence length of 0.4 nm to 0.6 nm). Below 5
pN, a random polypeptide coil will behave approximately as a Hookean spring, but at larger forces
the random coil exhibits nonlinear behavior, with the force rising more steeply as the extension
increases. The recent discovery that titin is under forces of 4 to 15 pN during physiological muscle
activity raises the question: is it possible to fashion a material that is able to store more elastic
energy than a simple random polypeptide coil in this force range?
The structure of titin provides an extraordinary answer to this problem by containing both
unstructured segments (PEVK, N2B) and many tandem Ig domains. The segmentation of the
titin I-band into Ig domains greatly increases the elasticity of muscle in the physiological force
range. The polypeptide stores an amount of energy W = FL where F is the force determined by
the FJC and L is the observed length. If titin was comprised of only unstructured polypeptide,
a reduction in the force from 12 pN to 6 pN would cause collapse to 63% of its extended length.
For an unstructured segment containing ∼90 amino acids, the length would shrink from 15.7 to
9.9 nm and the resulting elastic energy recovered would be 34.8 zJ. Now considering the same 90
amino acids in a segment that has the ability to fold, reducing the force from 12 to 6 pN would
first release 34.8 zJ and then an additional 59.2 zJ upon folding. The total energy recovery is now
increased to 94 zJ with nearly two thirds coming from the folding contraction. So not only does
the Ig folding and unfolding permit titin to dynamically adjust to provide tension across a broad
range of sarcomere lengths, it also greatly increases the energy storage and recovery within the
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muscle. The energy storage and recovery are only possible within a very precise force range where
protein folding and unfolding occur. We propose that muscle is tuned to operate at lengths and
forces that straddle the folding probability and therefore take advantage of the full elastic storage
potential of the titin filaments. Furthermore, by manipulating the titin folding process through
cellular signaling, the muscle can alter its ability to store elastic energy.
The titin folding reaction can be biochemically tuned
Titin is not a purely mechanical or structural protein of muscle. It is also an integrator of chemical
and physical stress on the muscle that is a part of signaling pathways that ultimately affect gene
expression. The elastic segment of titin has been shown to be a major target of post-translational
modifications. While phosphorylation of residues within the unstructured regions of titin have
been shown to cause modest changes in the elasticity of titin [32], far more drastic changes can be
achieved by targeting the Ig domains of the I-band. In a mouse model of myocardial infarction,
oxidative stress due to ischemia-reperfusion injury lead to massive S-glutathionylation of sarcomeric
proteins, including some very high molecular weight proteins alleged to be titin [33]. The Ig domains
of the titin I-band contains a disproportionately high number of cysteine residues; however, most
of these cysteine side chains are cryptic, meaning that they are buried in the hydrophobic core of
the Ig fold and are solvent inaccessible. They cannot undergo S-glutathionylation unless the Ig
domains become unfolded. Alegre-Cebollada and colleagues demonstrated, using single molecule
force-clamp AFM, the S-glutathionylation of single titin I91 domains unfolded by force [19]. A
critical discovery was that S-glutathionylation created unfavorable sterics in the hydrophobic core
of the I91 domain that blocked folding. It was then shown that oxidized glutathione was able
to massively decrease the passive tension in single cardiomyocytes, but only after cardiomyocyte
stretch to recruit Ig domains to the unfolded state. Like phosphorylation, S-glutathionylation is
reversible, either through enzymatic cleavage or regeneration of reduced glutathione within the
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muscle tissue. However, phosphorylation only results in small changes in the stiffness, or Kuhn
length, of the titin molecule while S-glutathionylation or other non-specific oxidation of the Ig fold
can cause massive blockage of the folding reaction. If all titin folding was blocked, the elastic
properties would behave like the dashed blue curve in Figure 4B. It is speculated that the resulting
loss of passive tension can be sensed by other sarcomeric proteins and transduced into cellular
signals.
Another major oxidative modification of titin is introduction of intramolecular disulfide bonds.
The disulfide bonds are able to greatly increase the forces at which Ig domains fold without hav-
ing much affect on the mechanical stability or unfolding rate. The resulting shift in the folding
probability will cause the folding reaction to generate higher forces during contraction (gold curve,
Figure 4B). In addition to oxidative stress, acidosis a common perturbation to the homeostasis of
muscle and has direct consequences on protein folding [34]. Changing the pH alters the protonation
of many side chains, which in turn alters the electrostatic and hydrophobic forces that drive protein
folding and provide mechanical stability. Acidosis may block folding or induce misfolding events
that would reduce the extent of the folding contraction and lead to changes in muscle elasticity.
An emerging perspective is also that muscle specific chaperones can be recruited to the I-band
segment of titin in response to physical stretch, and that there are severely altered levels of molec-
ular chaperones in certain muscular diseases [35]. Some of these chaperones, such as αB-crystallin,
can bind directly to the folded Ig domains and make them more resistant to unfolding (red curve,
Figure 4B). Single molecule force spectroscopy has recently begun to uncover the ability of molec-
ular chaperones not only to prevent aggregation but also accelerate the folding reaction of certain
proteins (Haldar et al., unpublished data). An increase in the folding kinetics in synonymous with
increase power output from the titin folding reaction and would therefore have direct consequences
on muscle contraction according to the three-filament model.
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A rechargeable gravitational battery
Our view shifts the focus of muscle contraction from resting solely on motor activity, to the re-
markable ability of mechanically extended proteins to fold and shorten while resisting a stretching
force. Energy conversion from sunlight to ATP through food consumption and the metabolic
machinery of animal cells is the source of the chemical energy utilized during muscle contraction.
What is the source of the energy delivered by a folding protein? We know that entropic elasticity
combined with short range hydrophobic collapse powers protein folding. Yet, it is clear that for
a protein to do folding work, it must have been mechanically unfolded before. The segmentation
of the titin polypeptide into many foldable Ig domains thus differentiates it from a simple spring
with only elastic recoil. This new mechanism is compelling because in addition to chemical energy,
muscle makes use of other fundamental forces of nature: gravitation and inertia to extend and
unfold muscle titin during animal motions like running, and entropic and hydrophobic forces to
drive the collapse and folding of extended proteins while under reduced loads. Muscle sarcomeres
are thus designed to optimally absorb and store mechanical energy from the environment in the
form of unfolded titin Ig domains, and deliver this mechanical energy when triggered to do so by
chemically activated myosin II motors (Figure 3B). It remains clear that at the high loads at which
myosin motors are unable to advance (6 pN), titin readily folds. Thus, titin folding relieves the
stalled myosin motors, setting the speed at which they advance, and permitting efficient muscle
contraction.
This active role of titin in muscle contraction can be understood with the analogy of an electrical
battery (see Fig. 5A). The unfolding of Ig domains in the stretching phase charges the “battery”
with contractile energy when the force exceeds 10 pN. As the force lowers when the motors engage,
Ig domain refolding delivers the stored energy, allowing muscle contraction together with the work
done by the myosin motors. Therefore, titin and myosin are the two components of a hybrid system
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where the electrical battery is charged during the stretching phase (black line, Fig. 5A), and only
after the engagement of the myosin heads -powered by the ATP chemical energy- this stored
contractile energy is delivered (red line, Fig. 5A). Nonetheless, the rate at which the contractile
energy is stored and delivered is rather different, as reflected in the different slopes in Figure 5A.
Titin unfolding at 10 pN occurs at a rate of ∼1.5x10-4 s, therefore titin stores contractile energy
with low power, estimated to be ∼0.02 zW (obtained as the work of an Ig domain unfolding at
10 pN (140 zJ) times the rate at which it occurs). However, refolding occurs at a much higher
rate, with domain folding at 6 pN in ∼7 seconds, so the power delivered by titin Ig domains
refolding is almost 100 times larger, estimated to be ∼6.5 zW. The power relationships will be
different for the different domains, so the power delivery will be much more complex in vivo. In an
oversimplification of how muscle operates in animal motion, a leg muscle such as the soleus travels
from its resting state to the stretching position, transmitting a high force purely to titin (1 to 2,
lower panel Fig 5A). Later, and after the engagement of molecular motors and ATP hydrolysis,
the force transmitted to titin decreases, allowing the delivery of mechanical work from titin and
contracting the muscle (2 to 3, lower panel Fig 5A). In terms of the energy changes upon titin
domain folding/unfolding, the storage/delivery cycle proposed above can be pictured as a diffusion
process along the free energy landscape of the titin molecule (Fig. 5B). During the storage phase at
12 pN (green landscape) the energy landscape is tilted towards the unfolded state (large extension)
so that titin domains would unfold, sequentially hoping over the free energy barriers. Upon force
reduction to 6 pN (red landscape), the molecule shortens by refolding, the domains hoping the
barriers in the opposite direction, thus delivering the stored contractile energy.
A limitation of our current observations is the slow folding rates measured at 6 pN for our
eight repeat Ig domain protein probed with magnetic tweezers (Figure 1B). Indeed, we should
be cautious when extrapolating single molecule observations to intact tissue, as we still do not
fully understand how these observations play out in the complex environment of the sarcomere.
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However, a few simple observations are warranted. In addition to unfolded domains, native titin
contains large unstructured segments such as PEVK and N2B that permit titin to equilibrate to
any force in the sarcomere at the speed limit of polymer diffusion, which is much faster than even
the fastest muscle contractions [36]. Indeed, passive sarcomere shortening from a stretched length
is very rapid initially and from recent in vivo muscle microscopy, it also appears that the sarcomere
operates at lengths at which titin is under a constitutive force of several pN, further suggesting that
titin does not go slack. More significantly, in contrast to the short, engineered proteins with eight
Ig repeats often used in single molecule experiments, the extensible segment of native titin contains
50-100 Ig domains depending on the isoform, greatly accelerating the initial folding rate upon a
reduction in force. Over the relatively short changes in sarcomere length observed in vivo, for
example ∼ 50 nm per half sarcomere in the cardiac tissue, the initial rate of folding would provide
a better measurement of the physiologically relevant power output of titin folding. A glimpse of
these effects can be observed during in-situ measurements of titin dynamics that show titin folding
events happening on a timescale of less than 100 milliseconds. Finally, sarcomeres are crowded
environments containing titin specific chaperones that will further increase the folding rate over
what we have measured. All of these effects, absent in the experiments shown in Figure 1B, would
greatly enhance the power output of titin folding inside the sarcomere.
The experiments performed throughout this work will work towards further developing the
magnetic tweezers to measure that rate of energy delivery from fast folding titin domains. We
believe that disulfide bonds, which are present in a large majority of titin Ig domains, can help to
greatly accelerate protein folding, producing power outputs that are on par with those generated
by the thick filament. This will require deisgning of titin constructs containing disulfide bonds and
correct attachments for the magnetic tweezers pulling geometry, improvement of the frame rate of
the magnetic tweezers instrumentation, and development of force pulse protocols for measurement
of the power output from titin folding similar to those experienced during a real muscle contraction.
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Chapter 2
Mechanochemistry of protein thiols
Thiol chemistry provides a way for proteins to rapidly and reversibly alter their form and func-
tion. Although a variety of bulk techniques have been developed to ascertain the oxidation state
and bonding of cysteine thiols, these methods may destroy the sample or lead to unwanted side
reactions. Single molecule force spectroscopy harnesses the ability to track protein folding and un-
folding pathways with Ångstrom precision to detect changes in thiol chemistry in a real-time and
nondestructive manner. As the oxidation state of the thiol changes, due to intramolecular disulfide
bonding or post-translational modification, changes to the protein topology and stability can be
detected by unfolding of single protein domains using the atomic force microscope. Not only does
this provide a means to probe the mechanism of covalent bond scission by small nucleophiles and
enzymes, but also a tool by which to monitor the activity of single oxidoreductase molecules as
they introduce and rearrange disulfide bonds while protein substrates fold. Although a carnivore’s
bite damages tissue by tearing apart molecular bonds, nature has provided enzymatic machinery
to repair the bonds, a process that can be directly observed using single molecule techniques.
The cell is exquisitely tuned to alter its functions and gene expression in response to changes
in its redox environment. Initiation of signaling pathways thus requires proteins that are sensitive
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to redox, which is usually achieved through strategic placement of cysteine residues within the
protein. A major challenge for protein biochemists studying these pathways is to detect changes
in the redox status in one or several cysteine residues in a protein in a reliable and timely manner.
Many techniques used to detect the redox state of a particular amino acid require treatment of
the protein samples with chemical probes that react with side chains of a certain oxidation state.
The probes do not always react with absolute specificity for the side chains, and there is always
concern that the redox state of the side chains may change during the isolation and treatment
process. Single molecule force spectroscopy (SMFS) provides a means for executing controlled
protein redox experiments, either chemically or enzymatically driven, with high fidelity real time
readout. Cysteine chemistry is rapid and reversible, and is thus well suited for studies by SMFS.
Here we demonstrate how to detect Ångstrom level changes in the conformations of proteins due to
the formation or cleavage of intra- and intermolecular (thiol) bonds. These studies allow for direct
observation of scission of covalent bonds under massive forces, a biological phenomenon as old as the
first time one animal sunk its teeth into another. To control the rate at which the molecular bonds
rupture, SMFS utilizes cryptic bonds that have low solvent accessibility and require unfolding of
the substrate in order for the redox reaction to occur. Because force can be used to denature only
the substrate, it is possible to observe the effect of oxidoreductases on unfolded substrates without
the need for thermal or chemical denaturation. The following text is adapted from a book chapter
I have contributed to a Royal Society of Chemistry series on disulfide bonds. See Eckels et al.,
Real-time Detection of Thiol Chemistry in Single Proteins, RSC publishing 2018.
2.1 Mechanical fingerprints of single protein tethers
Basic execution of a force spectroscopy experiment requires tethering of a single protein to a
microscopic pulling device, commonly referred to as a force probe. Although there are many
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Figure 2.1: Single molecule force spectroscopy probes the redox status of single disulfide bonds. The three most
popular modes of single molecule force spectroscopy (SMFS) utilize the atomic force microscope (left), magnetic
tweezers (center), and optical tweezers (right). In the atomic force microscope (AFM), a single polyprotein of
identical domains is suspended between a flexible microcantilever and a rigid glass surface. Force is applied to the
protein by displacement of the glass surface by a piezoelectric actuator. The length of the protein is tracked by
deflection of a tightly focused laser beam off the back of the cantilever. (Center) In magnetic tweezers, a single
polyprotein construct is tethered to a superparamagnetic bead through biotin-streptavidin linkage and to the glass
through covalent HaloTag attachment chemistry. Force on the protein increases as a pair of permanent magnets
approaches the fluid chamber. (Right) Optical tweezers utilize the trapping of a dielectric microbead in a laser focus
to apply force to proteins. Pulling on the protein through the DNA linkage displaces the microbead away from the
focus of the laser, generating a restoring force that stretches the protein.
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ways to apply force to proteins, the three most often used techniques are atomic force microscopy,
magnetic tweezers, and optical tweezers. The atomic force microscope (AFM) is widely used
for mechanochemistry experiments because of its high throughput ability to probe thousands of
individual proteins per day and the relative ease of the attachment to the force probe. It will
therefore be the central focus of the single molecule assays described in this chapter. In SMFS
there is a large probability of having something other than a single protein molecule attach to the
force probe. It is possible to get two or more molecules connected to the probe in parallel, or
even aggregates of protein. In the case of AFM and magnetic tweezers, there are also nonspecific
interactions between the force probe and the surface that can be alleviated with surface passivation
but are difficult to avoid altogether. To overcome these problems, the concept of a ”mechanical
fingerprint” was developed [1]. For AFM and magnetic tweezers, a single polypeptide consisting
of several identical tandem protein domains is immobilized on the pulling surface (Figure 1A).
Thus when the protein is unfolded with force, there should be one unfolding event per domain.
Typically, experiments are performed with protein constructs consisting of eight identical tandem
domains. Figure 3A shows a typical unfolding trace in the AFM using a construct consisting of
eight tandem domains of I91 under force clamp conditions. In the AFM, it is common to pick
up proteins not exactly at their N-terminus so that fewer than eight domains are observed, but in
Figure 3A all eight domains are unfolded during the initial force pulse (blue curve, Figure 3A). The
more consecutive domains that are observed, the stronger the “fingerprint”, and the greater the
experimental confidence in the identity of the molecule. Under force-clamp conditions, the end-to-
end length of a protein follows a stepwise or staircase trajectory under constant force (Figure 3A).
One of the most popular substrates for single molecule pulling experiments is I91, the 91st
immunoglobulin domain of the titin sequence, located in the elastic (I-band) portion of the sar-
comere[2]. This domain is also sometimes referred to as I27 for its position within the cardiac
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Figure 2.2: The engineered I91(32C/75C) titin domain allows for direct monitoring of the (real time) oxidation status
of a disulfide bond within a protein. The well-characterized I91 (also known as I27 in the cardiac isoform) domain is a
useful scaffold for introduction of engineered disulfide bonds. Wild type I91 unfolds under force by breaking a series of
hydrogen bonds between the first (A-A’) and last (G) beta strands in the sequence. The protein domain here is based
on the crystal structure of wild-type I91 with several changes: The two native cysteine residues (C47 and C63) are
mutated to alanine (underlined in the sequence). Two new cysteine residues were introduced through the mutations
G32C and A75C. The resulting domain is referred to as I91(32C/75C) throughout this chapter. When unfolding this
molecule with force, only the residues in blue experience force when the disulfide bond is formed. All of the residues
sequestered behind the disulfide bond (red) are protected from force and are only stretched if the disulfide bond is
cleaved. I91(32C/75C) is often utilized for reduction and oxidative folding experiments because the disulfide bond is
buried in the hydrophobic core of the protein and is solvent inaccessible. Therefore, the disulfide must be primed
through mechanical unfolding of the surrounding residues before any reaction can occur. This structure is based on
the crystal structure of the wild-type I91 domain (pdb 1WAA) with an energy-minimized disulfide bond introduced
using protein structure visualization software.
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isoform of titin. The I91 domain consists of an Ig-like beta-sandwich fold with high mechanical
resilience caused by a network of hydrogen bonds between the first (A-A’) and last (G) beta strands
in the fold, often referred to as the ”mechanical clamp” that withstands the pulling force in SMFS
experiments. When the mechanical clamp breaks due to the pulling force, the rest of the I91 domain
immediately loses its structure and extends into the conformation of a random polypeptide coil
under force. The step size of unfolding events and the presence of all eight domains ensures that
only a single polypeptide chain is being manipulated with the AFM cantilever. The step size of
unfolding at any given force can be predicted using simple models of polymer elasticity such as the
worm-like chain and the freely-jointed chain if the number of amino acids participating in the fold
is known. Real time detection of redox chemistry depends on the ability of the SMFS instrument to
measure the step size of unfolding and the force at which the unfolding occurs with high precision.
As we will see, introduction or cleavage of intramolecular bonds between side chains of a protein
domain will alter the unfolding step size. A variety of assays have been developed around this
principle, which are detailed in the following sections. The majority of the chapter will focus on
the cleavage and formation of disulfide bonds, but the techniques outlined here have also recently
been extended to study disulfide isomerization, S-glutathionylation reactions, and the formation
and cleavage of thioester bonds.
2.2 Mechanochemical cleavage of disulfide bonds
In order to study the force dependent cleavage of disulfide bonds at a single molecule level, the
thiol residues participating in the bond must be placed strategically within the protein domain.
The vast majority of single molecule redox experiments are done with a mutant version of I91[3],
but theoretically any protein that satisfies the requirements discussed here could be used as a
substrate in redox experiments. To create a suitable substrate for single molecule thiol chemistry,
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the sequence of I91 was altered through several rounds of mutagenesis to achieve a single, cryptic
disulfide bond. First, the two cysteine residues native to I91 (C47 and C63) were mutated to alanine
because they are too far apart to participate in disulfide bonding (underlined residues, Figure 2A).
Next, several pairs of residues in close proximity in the crystal structure were mutated to cysteine.
Four of the mutants containing completely different pairs of cysteines could be expressed and shown
to contain internal disulfide bonds. The most used of these mutants contains mutations G32C and
A75C [4] (yellow residues, Figure 2A), which will be referred to as I91(32C/75C). The sequence
and structure of I91 and the location of the disulfide bond is shown in Figure 2, with amino acid
residues sequestered behind the disulfide shown in red.
Disulfide cleavage with low molecular weight thiols
The presence of this disulfide bond in I91(32C/75C) greatly shortens the observed increase in length
during the unfolding transition. When the disulfide bond is formed, the protein unfolds from the
mechanical clamp up to the disulfide bond. This generates a step of ∼11 nm (blue residues, Figure
2A, 2B). The remaining residues are protected by the disulfide bond and are not released by the
unfolding event. The force required to pull apart a disulfide bond is much larger than the forces
used in SMFS experiments on proteins, so cleavage is not expected to occur spontaneously. What
is not immediately apparent from the structure depicted in Figure 2B is that this disulfide bond is
cryptic - due to the positioning of the two cysteine residue side chains, the thiols are not susceptible
to nucleophilic attack when the I91 domain is folded. Some of the other engineered disulfide bonds
have various degrees of solvent accessibility; for example the disulfide bond in I91(42C/55C) shows
complete reduction after ∼90 minutes in 20 mM DTT, without mechanical or chemical unfolding
of the protein[5]. By contrast, I91(32C/75C) requires protein unfolding for reduction of the disulfide
bond. The very first single molecule disulfide reduction experiments were carried out by Wiita et al.
on an octamer protein of I91(32C/75C) under force clamp conditions using DTT as a nucleophile[3].
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Figure 3A depicts a typical “double pulse” protocol employed to study the reduction reaction. First
the protein is stretched at an intermediate force, here at 165 pN, to unfold each of the domains up to
the disulfide bond during the denature pulse (blue trace, Figure 3A). Each unfolding event results
in an 11 nm step at this force. After the seven domains have unfolded, the force is quickly clamped
to a new value during the “probe” pulse. During the probe pulse, DTT collides with the disulfide
bond, reducing it and releasing the remaining contour length of the protein (red trace, Figure 3A).
Each reduction event results in a 14 nm step increase in the length of the protein construct. A
schematic of the configurations of a single I91(32C/75C) domain during the denature/probe protocol
is shown in Figure 3B. In I91 domains that are reduced prior to unfolding, the expected step size
during the “denature” pulse would be 25 nm, simply the sum of the two observed steps.
These experiments and several others utilizing different small organic reducing agents are useful
for understanding the physical chemistry and mechanism of disulfide bond cleavage. Although the
disulfide bond cannot be broken with force in these experiments, it was discovered that the load
applied to the disulfide can alter bond geometry in such a way that facilitates nucleophilic attack
of the thiols and cleavage of the disulfide bond. In the presence of low molecular weight thiol
compounds, the rate of cleavage of the disulfide bond was found to accelerate exponentially with
the applied force, increasing tenfold over a range of 300 pN. By fitting the force dependency of
the reaction with a Bell-like model, it was found that the distance to the transition state (δ x‡)
for the thiol/disulfide exchange is 0.34 Ångstroms, meaning that the disulfide bond lengthens by
this amount when crossing the thermodynamic barrier during the reaction. Studies with various
reducing agents including glutathione hydrochloride, 2-mercaptoethanol, 1,4-dithioerythriol, L-
cysteine, tris(2-carboxyethyl) phosphine hydrochloride (TCEP) and tris(hydroxypropyl) phosphine
showed that the bond elongation during the thiol/disulfide exchange reaction is highly dependent
on the nucleophile, with distances to the transition state ranging from 0.23 to 0.46 Ångstroms[5].
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Figure 2.3: Detecting single disulfide reduction events using the Atomic Force Microscope in force clamp mode.
Trajectories of a polyprotein consisting of seven tandem domains of I91(32C/75C). (Top) The protein is first unfolded
during the denature pulse at a force of 165 pN. Each of the eight unfolding events (black arrows) results in an
upwards 11 nm step caused by loss of structure of the amino acids in the blue segment (lower panel and Figure 2).
Immediately after the denature pulse, the force is changed to a new value for the probe pulse during which reduction
of the disulfide will occur, here 75 pN. Six of the eight exposed disulfides are cleaved during this probe pulse (red
trace). Each cleavage event (asterisk) results in a 14 nm increase in length as the remaining residues are unfolded.
(Inset) Systematic variation of the probe force across a span of hundreds of piconewtons reveals the mechanism
of disulfide cleavage by several nucleophiles. The force dependency of DTT (gold curve) shows a simple Bell-like
dependency of the cleavage rate on force while the hydroxyl ion (red curve) shows evidence of a force induced switch
above ∼500 pN. While the force dependency of both thioredoxins is negative in the low force regime, the cleavage
rate of E. coli thioredoxin accelerates at higher forces while the rate of human thioredoxin does not.
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Two pathways for disulfide cleavage by the hydroxyl ion
Force can lower the energy barrier of disulfide cleavage by straining the disulfide bond, but further
increasing the force can cause unexpected rearrangements of the polypeptide backbone. Utilizing
non thiol-based nucleophiles, Garcia-Manyes et al. were able to study the reduction of I91(32C/75C)
at extremely high forces[6]. Unlike the reducing agents DTT, 2-mercaptoethanol, or glutathione
which interfere with the gold-thiol attachment chemistry used to anchor proteins to the pulling sur-
face, the hydroxyl ion (OH-) allowed disulfide cleavage to be observed at forces up to 2 nanonewtons
(nN). These experiments showed that there were two regimes in the rate of cleavage of the disulfide
bond as a function of force. At low forces, the rate of nucleophilic attack increased according
to a Bell-like model with a δx‡ value of 0.5 Ångstroms. However, at 500 pN there is an abrupt
switch to a regime where the cleavage rate is less sensitive to force and has a δx‡ value of only 0.1
Ångstroms. There are two proposed mechanisms in this work: there may be two separate barriers,
an inner and an outer barrier, for the total cleavage of the disulfide bond. The first barrier would
require a weak complex between the hydroxyl to form with the two thiols, elongating the bond
by 0.1 Ångstroms. The actual cleavage requires further lengthening of the bond by an additional
0.4 Ångstroms. Although this view is consistent with the data, it is very different from the known
SN2 reaction mechanism which proceeds through a single concerted step. Another explanation is
that the peptide backbone undergoes a conformational switch at high forces. Whereas the CSSC
dihedral angle is ∼90 degrees for unconstrained disulfides, it is conceivable that application of high
forces drives the disulfide into a trans conformation that increases the distance between the alpha
carbons participating in the disulfide bond. This reduces the energy of the disulfide bond, making it
less susceptible to cleavage than at forces below which the conformational transition occurs. Others
have suggested that scission of the C-S bond is responsible for one of the two regimes. Although
these forces are likely not relevant on physiological scales, such experiments demonstrate how force
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spectroscopy can be used to probe reaction pathways. Furthermore, reaction of thiols with oxygen
compounds like the hydroxyl ion can lead to non-enzymatic oxidative folding and will be discussed
later.
Guidelines for single protein thiol chemistry experiments
For all of these experiments, and for all the experiments discussed below, it is crucial that the
disulfide bond being studied is cryptic. This permits the rate of the reduction reaction to be
determined with high accuracy because the reaction, for all practical reasons, only starts when
the mechanical clamp breaks and the protein unfolds, exposing the disulfide. If the disulfide was
completely solvent accessible, all of the disulfide bonds would become reduced before the cantilever
had a chance to pull on them, beginning when the reductant is added to the buffer. This would
make it very difficult to study the rate and mechanism of disulfide cleavage. Alegre-Cebollada et
al. provide a nice summary[7] of the rules that should be followed when planning single molecule
studies for the chemical cleavage of covalent bonds using force spectroscopy, paraphrased here:
(i) The disulfide bond should be contained within a host protein domain that provides a distinct
fingerprint upon unfolding. Ideally, the protein should be expressed as multiple repeats along a
single polypeptide chain to provide an unambiguous signature for a single tether. (ii) The disulfide
bond should be cryptic or at least have limited ability to react with the nucleophile/enzyme while
the host protein domain is folded. (iii) Unfolding of the host protein domain should cause exposure
of the disulfide bond to the solvent. (iv) Cleavage of the disulfide bond by the nucleophile or
enzyme should cause a conformational change in the host protein such as a step change in length,
that is easily detectable. Although it is possible to study the presence or absence of inter-molecular
disulfide bonds that are not cryptic using SMFS, detailed analysis of reaction rates to extract
sub-Ångstrom parameters such as the distance to the transition state requires the bonds to be
cryptic.
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2.3 Enzymatic cleavage of disulfide bonds
Although the cytosol is highly reducing due to millimolar amounts of reduced glutathione, there are
a variety of enzymes that participate in the enzymatic cleavage of disulfide bonds and participate in
redox control. Thioredoxin (Trx) is an ancient and well conserved cytosolic enzyme that acts as an
antioxidant by participating in thiol/disulfide exchange with protein substrates. The thioredoxin
fold is shared among an entire class of proteins related to maintenance of redox both inside and
outside the cell, including human protein disulfide isomerase (PDI), bacterial DsbA, glutaredoxin,
glutathione S-transferase, and glutathione peroxidase. All of these enzymes contain a catalytic site
CXXC motif that executes the thiol/disulfide exchange reaction with substrate proteins. Although
the overall activity of oxidoreductases can be measured with various bulk assays – spectrophoto-
metrically (e.g. Ellman’s reagent, NADPH oxidation, or tryptophan fluorescence, or using light
scattering (e.g. insulin turbidity assays) – these experiments lack the sensitivity needed for probing
the chemical mechanism of catalysis.
Single molecule reduction by thioredoxins
In many ways, cleavage of the disulfides by thioredoxin is similar to the reaction with the small
nucleophiles described above, but the protein fold of thioredoxin is optimized to position the cat-
alytic residues in such a way that further accelerates the reaction. Reduction of the disulfide bond
in I91(32C/75C) by E. coli Trx was carried out in the same manner as for the small nucleophiles,
except that a regeneration system consisting of thioredoxin reductase, NADPH, and FAD was also
present to convert any oxidized Trx back to its reduced form. As had been demonstrated with bulk
techniques and other substrates, it was found that Trx cleaved the disulfide bond in I91(32C/75C)
nearly 30,000 times faster than DTT[8]. Micromolar amounts of Trx were sufficient to observe
complete reduction of all eight I91(32C/75C) domains in the polyprotein construct in contrast with
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the millimolar concentrations needed for cleavage by DTT. However, the single molecule assay
provided further insight into the mechanism of the thiol/disulfide exchange reaction. To study
the force dependence of the reduction reaction, the ”double pulse” force protocol was again em-
ployed (Figure 3A). After unfolding each of the eight I91 domains to expose the disulfide bond at
a force of 165 pN, the force clamp was quickly adjusted to a value between 50 - 600 pN. Whereas
for small nucleophiles like DTT the applied force only accelerated the reaction, the Trx reaction
rate showed a biphasic nature (light blue curve, Figure 3A inset). Below 200 pN, the reduction
reaction rate had a negative dependence on the force, meaning that any increase in force slowed
down the reaction. Above 200 pN, the reaction was accelerated the same way it was for the small
nucleophilic molecules. This indicates two competing pathways for the thiol/disulfide exchange
reaction. Fitting the reaction with a simple Bell-like model demonstrated that under one cleavage
mechanism, the disulfide bond must lengthen by 0.2 Ångstroms, but under the competing pathway
the substrate must shorten by 0.8 Ångstroms. How might such a shortening of the substrate occur?
This force dependent inhibition of the thiol/disulfide exchange reaction can be understood
by looking at a solution NMR structure of thioredoxin bound to a short substrate polypeptide
through a disulfide bond (pdb 1MDI). In this structure, the angle between the disulfide bond and
the major axis of the peptide binding groove in Trx is ∼70 degrees. However, the nucleophilic
attack of a thiol on a disulfide bond occurs through an SN2 reaction that requires alignment of all
three sulfur atoms at 180 degrees, due to orbital geometry. Thus, when Trx binds to I91(32C/75C)
and encounters the disulfide bond, the bond must undergo rotation, driven by thermal motion,
within the binding groove in order for the reaction to occur. Increasing the force on the substrate
containing the disulfide bond prevents the bond from ”wiggling” into the correct conformation for
the reaction to proceed. The negative distance to the transition state of 0.8 Ångstroms represents
the distance that the peptide must shorten within the binding groove, projected onto the pulling
axis. Above 200 pN, it is likely that the peptide is so extended by force that it no longer fits into
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the peptide groove. Then cleavage of the disulfide occurs when the catalytic thiol of Trx collides
with the disulfide bond without actually binding to the peptide substrate. Further evidence that
these two competing pathways are mechanistically distinct came from studies of Trx mutants P34H
and G47S, which affect the descending limb of the force dependency of the cleavage but not the
ascending limb. Analysis of the dwell times between exposure of the disulfide bond and cleavage
by Trx also demonstrated that the rate was best fit with a double exponential, suggesting two
competing pathways. In contrast, reduction of the disulfide bond with phosphine based reducing
agents (TCEP) was best fit with only a single exponential.
Prokaryotic versus Eukaryotic thioredoxins
The reduction of disulfides by thioredoxin at forces exceeding 300 pN requires that both the thiols of
I91(32C/75C) and the oxidoreductase be solvent exposed. Solvent exposure of the catalytic cysteine
residues in thioredoxin is dependent on the width and depth of the catalytic groove. If the catalytic
thiols are buried deep within the groove it will preclude reduction of disulfide bonded substrates
under hundreds of piconewtons of load. Perez-Jimenez et al. observed a signature of evolution of
the thioredoxin groove by measuring the catalytic rates of eight different thioredoxins from four
different kingdoms of life using single molecule force clamp spectroscopy[9, 10]. Thioredoxins of
prokaryotic origin, such as E. coli Trx used by Wiita et al., all demonstrated a biphasic reduction
rate with respect to the pulling force as described above. Alternatively, thioredoxins of eukaryotic
origin such as human Trx1 and P. falciparum Trx1 showed a decreasing reaction rate up to 200
pN, at which the rate plateaued to low values (inset, Figure 3A). This is speculated to be caused
by a deepening of the thioredoxin groove during the evolution of Eukarya, preventing the SN2
like mechanism of cleavage at higher forces. Interestingly, thioredoxins from eukaryotic organisms
but contained in cellular compartments of prokaryotic origin (e.g. Pea chloroplast Trx and human
mitochondrial Trx2) showed the signature of a shallow prokaryotic groove with reaction rates
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increasing again at high forces.
2.4 Inferring molecular pathways of oxidative folding
Although cleavage of disulfide bonds by Trx undoubtedly plays an important role in reversing the
undesirable effects of oxidative stress in the cytosol, a more interesting question is how disulfide
bonds can be introduced into proteins, especially disulfide bonds that are located within the hy-
drophobic core of the protein. It is generally thought that oxidoreductase enzymes interact with
nascent polypeptide chains to simultaneously catalyze formation of disulfide bonds and folding of
the substrate into its native structure. Many of the oxidoreductases here interact with unfolded
polypeptide substrates as they emerge from translocon pore complexes into, for example, the en-
doplasmic reticulum or periplasm. The assays described above can be adapted to study the effects
of such enzymes.
A single molecule assay for oxidative folding by Protein Disulfide Isomerase
A consequence of the single molecule reduction assays described above is that once the disulfide is
cleaved at high force, the two cysteine residues of I91(32C/75C) are too far apart to be brought into
a disulfide bond. A new force pulse assay was developed to lower the force on the peptide substrate
to allow for re-oxidation of the disulfide bond (Figure 4A). After full unfolding of the polyprotein to
ascertain a single molecule attachment, the tip of the cantilever can be quickly approached back to
the surface to which the protein is attached. By slightly pushing the cantilever against the surface,
the effective end to end distance of the protein is reduced to close to zero and the force on the
protein is nothing. Although I91 is known to readily fold back to its native structure when left at
zero force for several seconds, the disulfide will not reform without thiol/disulfide exchange, which
can be mediated by oxidoreductase enzymes.
43
Protein disulfide isomerase is an enzyme known to catalyze efficient formation of disulfide bonds
and the rearrangement of incorrectly formed disulfides that may impair the folding process or lead
to aggregation. PDI is found in millimolar amounts in the endoplasmic reticulum where it interacts
with nascent polypeptide chains passing from the ribosome through the translocon pore. These
polypeptide chains must be in an extended and unfolded conformation to pass through the pore
and PDI assists correct folding and placement of disulfide bonds when the polypeptide emerges
into the ER. SMFS provides a perfect means to mirror the environment of a nascent polypeptide
chain interacting with the PDI machinery, which must first form a mixed disulfide to engage its
substrate. In an experimental scenario this can be achieved in two ways: a unit of oxidized PDI
can react with a reduced cysteine side chain in its substrate, or a unit of reduced PDI can form
a mixed disulfide by reacting with an oxidized substrate. The purpose of these experiments is to
understand how the disulfide bonds are introduced into the protein during the folding process, so
how the mixed disulfide is achieved is irrelevant. Even though PDI is maintained in its oxidized
state within the endoplasmic reticulum, it is more practical to carry out the SMFS experiments
using oxidized I91(32C/75C) and reduced PDI. This is the strategy employed by Kosuri et al. in
the experiments described below[11]. Furthermore, only the oxidoreductase-active A1 domain of
PDI was utilized in these experiments, so all references to PDI hereafter refer to only that domain
(Figure 4A).
To measure the ability of PDI to catalyze the reformation of protein disulfide bonds, Kosuri et
al. utilized two unfolding pulses with an intervening refolding period (”denature-refolding-probe”,
Figure 4A). During the denature pulse, eight domains of I91 containing the oxidized disulfide bond
are quickly unfolded at a pulling force of 165 pN (denature pulse) in ∼11 nm steps. Subsequently
lowering the force to 75 pN allows efficient cleavage of the disulfide bond (asterisks, Figure 4A)
by reduced PDI. In contrast with the thioredoxin assays, the force on the protein is then quickly
quenched to zero by bringing the tip into contact with the surface while PDI is still attached to
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I91 through the mixed disulfide (Figure 4B) and is held there for a short duration δt (refolding
pulse). During this time, the substrate begins the conformational search for its folded native state.
After the δt time has elapsed, the protein is quickly extended at 165 pN again. By counting the
relative number of reduced I91 domains (25 nm) and re-oxidized I91 domains (11 + 14 nm steps),
one can measure the catalytic efficiency of PDI for reformation of disulfide bonds (Figure 4C).
What is happening to the protein substrate during the refolding pulse? When the force on the
reduced I91 molecule is lowered to zero, the polypeptide backbone collapses and the cysteine of
I91 that was freed during the thiol/disulfide exchange is brought into close proximity to the mixed
disulfide with PDI (“force quench”, Figure 4B). If the time for refolding δt is long enough, then
the free cysteine can attack the mixed disulfide and release PDI. This would result in reformation
of the I91(32C/75C) mixed disulfide. Another possibility for the course of events is that the other
thiol in PDI, which is in a reduced state, can attack the mixed disulfide leading to spontaneous
release of the oxidoreductase from the I91 polypeptide. In the latter scenario the oxidation occurs
at the disulfide of PDI leaving the I91 cysteines in their reduced form, hence the 25 nm steps.
Alternatively if neither the free thiol of I91 nor the free thiol of PDI attack, leaving the mixed
disulfide intact, the I91 will also remain reduced. On the probe pulse, evidence for both oxidative
folding (reformed 11 nm steps) and spontaneous release of PDI (25 nm steps) can be observed
(Figure 4C).
To distinguish between spontaneous release of the oxidoreductase and slow cleavage of the
mixed disulfide, a mutant form (C35S) of the previously studied Trx was used. Whereas the
mixed disulfide is slow to resolve in PDI, it was well known that wild type Trx undergoes very
rapid spontaneous release of its substrates through attack of its other catalytic thiol on the mixed
disulfide. Indeed, experiments utilizing the “denature-refolding-probe” pulse with wild type Trx
showed only reduced (25 nm) steps on the probe pulse due to the fast release. However, mutant
Trx(C35S) is prevented from undergoing spontaneous release from its substrate, hence altering its
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Figure 2.4: Re-oxidation of single disulfide bonds occurs during protein collapse and folding. A single molecule force
spectroscopy assay for oxidative folding utilizing oxidized I91(32C/75C) and reduced A-domain of human protein
disulfide isomerase (PDI, green oval) and the resulting single molecule trajectory (panel A). During the denature
pulse at 165 pN, each of the eight I91 domains unfolds (11 nm), exposing a disulfide for attack by PDI. When the
reduced PDI attacks the disulfide, the protein domain extends by an additional 14 nm (asterisks), and the PDI
remains attached to the I91 substrate through a mixed disulfide (Figure 4B). After cleavage of all eight disulfide
bonds, the force on the substrate peptide is quenched (light green panel), and the polypeptide chain collapses. In the
collapsed state, the I91 disulfide may reoxidize if the free thiol of I91 attacks the mixed disulfide, or the I91 disulfide
may remain reduced if the free thiol of PDI attacks the mixed disulfide leading to spontaneous release (panels A and
B). During the probe pulse, the force is increased again to 165 pN, allowing for the counting of reoxidized (11+14
nm) steps and reduced (25 nm) steps from spontaneous release. Kinetics of oxidative folding and spontaneous release
by PDI are determined by measuring the amplitude of the populations of the oxidized and reduced steps (panel C)
while varying the duration of the denature plus refolding pulse.
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redox capabilities. The mixed disulfide between Trx(C35S) and I91(32C/75C) can only be resolved
through attack of the free thiol on I91. Experiments using Trx(C35S) demonstrated full re-oxidation
of the I91 disulfide bond due to the presence of 11 nm, but not 25 nm steps during the probe pulse.
This indicates that the 25 nm steps observed in the presence of PDI are not due to failure of the
disulfide to re-oxidize, but rather from spontaneous release of PDI from its substrate. By varying
the duration of the denature and refolding pulse, the kinetics of disulfide re-oxidation by PDI and
spontaneous release of PDI from its substrate were found to be approximately equal.
These experiments measured for the first time the coordination of folding and introduction of
disulfide bonds into proteins. The implications of the mechanism of oxidative folding by PDI are
striking and unexpected. Experiments performed in the absence of PDI demonstrated that oxidized
I91(32C/75C) domains fold 30x faster than when the disulfide bond is reduced (7.74 s-1 vs 0.27 s-1).
This is expected because the disulfide bond reduces the conformational space the protein domain
must search before it finds its minimum energy native state, an effect that has been observed in
many other proteins. In the presence of PDI, the I91 domains are found to fold at a rate almost
identical to that of reduced I91(32C/75C), suggesting that acquisition of the native fold is the rate
limiting step during oxidative folding of I91(32C/75C) and must precede formation of the disulfide
bond.
It is remarkable that I91(32C/75C) can fold even while PDI remains attached through a mixed
disulfide. Recall that the two cysteine residues of I91(32C/75C) are buried, so it would be expected
that attachment of the entire PDI domain to I91 would hinder folding. If anything, PDI marginally
increases the speed of folding compared to reduced I91(32C/75C). It appears that PDI is specially
adapted to perform oxidative folding in this manner. If PDI could only introduce disulfide bonds
while its reduced substrate was in its nascent or denatured state, there would be a high chance
of introducing non-native disulfides, which Kosuri et al. showed would lead to a misfolded, un-
functional substrate. By permitting folding to occur first, cysteines closest in the native state have
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the greatest chance of forming a disulfide. All members of the Trx family have a short hydrophobic
groove surrounding the catalytic site, supposedly for assisting substrate recognition. This groove is
known to have chaperone activity independent from the oxidoreductase activity and may play an
important role in guiding the substrate to its native fold despite the presence of the mixed disulfide.
PDI and other oxidoreductases are capable of identifying unfolded substrates that contain disulfides
through this groove, and form mixed disulfides to act as a placeholder to prevent incorrect disulfide
formation throughout the folding process.
DsbA is a high efficiency bacterial oxidoreductase
There are a variety of other Trx homologs found in all the branches of life. Oxidative folding is
especially important for the secretory system of bacteria, which must introduce disulfide bonds into
proteins when they emerge from the bacterial translocon pore. E. coli DsbA is an oxidoreductase
that is part of the Dsb system, which is composed of several proteins responsible for proper folding
of periplasmic proteins. While DsbA null mutations are not lethal, they lead to loss of extracellular
structures such as adhesive pili and flagella. Like PDI, DsbA is a member of the Trx family of
folds, so it shares a similar topology and CXXC motif. The only difference in the global structure
compared to Trx is the insertion of a helical domain after the second beta strand in DsbA. In-
terestingly, the CXXC redox-active motif also varies among these oxidoreductases: Trx (CGPC),
PDI (CGHC), and DsbA (CPHC). The structure-function relationship are responsible for the large
differences in redox potentials for each of these three enzymes, with Trx as the most reducing (-271
mV), PDI at an intermediate potential (-160 mV), and DsbA the most oxidizing (-120 mV). These
differences are manifested directly at the single molecule level during oxidative folding experiments
in the AFM.
Using the same denature-refolding-probe pulse protocol employed for PDI, Kahn et al. used
reduced DsbA to cleave and reform the intramolecular disulfide bonds of I91(32C/75C)[12]. This
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allowed for a direct comparison between the oxidative folding mechanisms of DsbA, PDI, and Trx.
The major finding from these experiments was that the folding rate of I91 under coordination of
DsbA was 3-fold faster than that of PDI, but still slower than the folding of oxidized I91(32C/75C)
domains in the absence of DsbA. This suggests again that DsbA introduces the disulfide bond
shortly after folding but does so more quickly than PDI. Thus, protein folding drives disulfide
bond formation during oxidative folding under control of both of these oxidoreductases. The
spontaneous release rate of DsbA was also found to be much slower than that of PDI, which itself
is much slower than Trx. These findings demonstrate that the release rate is inversely proportional
to the redox potential of the oxidoreductase, and partially explains why DsbA is such an efficient
catalyst of oxidative folding. The slower release rate would also increase the fidelity of the disulfide
bond formation, especially for slow-folding substrates.
These experiments provide further evidence for the chaperone activity of the thioredoxin fold.
Using observation of ∼25 nm reduced steps as evidence for spontaneous release, the mechanism of
release can be inferred by changing the δt of the denature plus refolding time. Not only were the
kinetics of DsbA release much slower than PDI, but the absolute amplitude of the observed fraction
of reduced domains was smaller. With PDI, longer wait times of δt lead to greater numbers of
reduced domains, approaching 84% at infinite time. With DsbA however, only 44% of the domains
will be reduced during the probe pulse at infinite time. One explanation for this difference is that
even after spontaneous release of DsbA from its mixed disulfide, there are nonconvalent interactions
that prevent diffusion of DsbA away from the substrate. This allows DsbA to reform its mixed
disulfide with the reduced I91(32C/75C) and gives it another chance to allow the free thiol of I91
to attack the mixed disulfide, lowering the total fraction of reduced domains during long quench
durations δt. This dynamic equilibrium between DsbA and its substrate could only arise if the ”off”
rate of DsbA from the folded substrate is much slower than the rate of thiol/disulfide exchange.
Although the affinity of DsbA for the folded substrate was not directly measured, this observed
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behavior is characteristic of chaperones, which tend to bind to and stabilize the folded state. From
these experiments it seems that the catalytic groove of these enzymes controls the redox equilibrium
of the oxidoreductase both by changing the electronic environment (pKa) of the catalytic thiols
and by adjusting the affinity for the unfolded and folded substrates.
Non-enzymatic oxidative folding
Although the cellular redox environment is buffered with large amounts of antioxidants such as
glutathione, which is maintained in the reduced state through various enzymatic pathways, large
transient increases in oxidative stress can generate a variety of reactive oxygen species (ROS)
that can modify protein thiols. The thiol of cysteine can undergo several rounds of oxidation by
reactive oxygen species. The first oxidation reaction converts the reduced thiol -SH to sulfenic
acid -SOH. The second and third oxdations convert sulfenic acid to sulfinic -SO2H and sulfonic
-SO3H acid. Of these reactions, only the conversion of the reduced thiol to sulfenic acid is thought
to be reversible. Such oxidations can alter the charge and sterics of the cysteine side chain and
may thus influence the folding rate or the stability of the protein domain. However, if the cysteine
undergoing oxidation by the ROS can disulfide bond with a neighboring residue there are different
consequences for protein folding. Although the hydroxyl radical, generated by the decomposition of
hydrogen peroxide, is often used to initiate oxidation of cysteine side chains it is difficult to use in
single molecule experiments. The radical is promiscuous, leading to oxidation of side chains other
than cysteine, and very reactive, causing cysteine to reach its higher irreversible oxidation states
more quickly. Building on the previously discussed studies of disulfide cleavage by the hydroxyl ion
(OH-), Beedle et al. used this nucleophile to explore non-enzymatic re-oxidation of protein disulfide
bonds[13]. Instead of using oxidized I91(32C/75C) as the substrate, the engineered I91(24C/55C) was
used in these studies. This disulfide bond cannot be accessed by hydroxyl when the protein is in its
folded state as all disulfides seem to be formed during the initial denature pulse. To accelerate the
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rate of cleavage of the disulfide the hydroxyl concentration was increased by raising the solution
pH to 12.8 which is equivalent to a concentration of 63 mM hydroxyl ion.
These assays again utilize the usual “denature-refolding-probe” force protocol used for the pre-
vious oxidative folding experiments (Figure 4A). The disulfide bonds in this particular engineered
I91 domain result first in a ∼10 nm step from unfolding up to the disulfide bond, and then a ∼15
nm step after cleavage of the disulfide by the hydroxyl anion due to the different placement of the
engineered cysteines. After the force quench to permit refolding, the hydroxyl-cleaved disulfides
demonstrated reformation of the disulfide bonds through reappearance of the ∼10 nm steps in the
probe pulse. Similar to PDI or DsbA, the hydroxyl ion acts as a placeholder for the cleaved disul-
fide bond by formation of a S-sulfenylated (-SOH) intermediate. When the force on the protein is
quenched during the refolding pulse, the free thiol of I91 can attack the sulfenic moiety via an SN2
reaction, releasing the hydroxyl ion back into solution and reforming the disulfide bond. However,
the -SOH group is short-lived and can progress to the higher thiol oxidation states of sulfinic and
sulfonic acids. Experiments performed with long denature pulses to prolong the exposure of the
thiols to solution demonstrated a loss of reoxidation of the disulfide bond but also a loss of the
ability of the I91 domain to refold at all. This indicates that (a) the higher oxidation states of
cysteine are not reversible under attack by the free thiol of I91 and (b) the sterics or electrostatics
created by the additional oxygen atoms on the sulfur are unfavorable enough to prevent refolding
of the I91 domain. To prove the existence of the S-sulfenylated intermediate, Beedle et al. per-
formed experiments at pH 12.8 in the presence of 30 mM dimedone, which reacts irreversibly with
sulfenic acid, but not any other oxidation state of the cysteine side chain. The bulky dimedone
side group blocked protein folding of I91(24C/55C) in single molecule experiments and its presence
was also confirmed using mass spectrometry. There are several important differences between non-
enzymatic oxidative folding and what is seen with the oxidoreductase enzymes. There is no way
for the sulfenic acid to spontaneously release the hydroxyl ion, so there are never any ∼25 nm steps
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observed in the probe pulse. Additionally, even for the shortest denature pulses that allowed for
cleavage of the disulfide bond by hydroxyl but minimized exposure to the oxidizing environment,
the maximum reformation of the disulfide bond only approached 55%.
2.5 Conformational changes and allostery through cysteine
redox and disulfide isomerization
Formation and cleavage of intramolecular disulfide bonds are only one mechanism by which a
protein might change form or function in response to altered cellular redox. There are a variety
of other intra- and inter-molecular bonds that might form with protein thiols that have profound
effects. Altered protein stabilities and conformations through disulfide bond isomerization, S-
glutathionylation, and thioesterification are discussed here.
Disulfide isomerization in Superoxide Dismutase 1 (SOD1)
SMFS experiments are especially apt for distinguishing rearrangements of disulfides within proteins.
Intramolecular disulfide isomerization occurs when a single protein domain contains three or more
cysteine residues in close proximity. Depending on the geometry and local electronic environment of
the cysteine sidechains, various numbers of different disulfide bonds could possibly form. This was
first realized by Alegre-Cebollada et al. using an engineered I91 domain containing four cysteine
residues: I91(24C/32C/55C/75C)[14]. After unfolding this protein in the presence of L-cysteine as a
nucleophile, four distinct reduction step sizes were observed. This indicates that disulfide bonds
other than those present in I91(32C/75C) and I91(24C/55C) had formed during folding. The authors
further demonstrated that when a single reduced thiol was sequestered in the loop behind a formed
disulfide exposed under force, it preferred to attack one thiol of the disulfide over the other. These
experiments demonstrate that disulfide isomerization could occur transiently and spontaneously
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within proteins, leading to changes in protein topology that might affect function. The observed
regioselectivity for attacking one thiol over the other is speculated to be related to the pKa of the
leaving thiol in the exchange reaction, assuming that thiolates with lower pKa values are better
leaving groups.
In the above experiments, force is used as a switch to “uncage” a single internal cysteine
residue so that it can participate in thiol/disulfide exchange. However, small changes in protein
structure or alterations in cysteine pKa due to mutations can also induce disulfide isomerization.
Superoxide dismutase 1 (SOD1) is an enzyme important for degradation of superoxide anion (O2
•-)
into less toxic reactive oxygen species, and changes in the redox state of SOD1 are associated with
the onset of the neurodegenerative disease Amyotrophic Lateral Sclerosis (ALS). SOD1 contains
four cysteines: conserved Cys-57 and Cys-146 form a disulfide bond required for proper function,
while Cys-6 and Cys-111 are involved in the formation of non-native disulfide bonds that may
predispose SOD1 to aggregation, a pathologic hallmark of ALS. Solsona et al. found that two
disease causing mutations (G39A and A4V) alter the reactivity and disulfide bonding patterns of
SOD1 using single molecule force clamp assays [15]. First, it was clear from single disulfide cleavage
experiments by TCEP on wild-type SOD1 that the Cys-57/Cys-146 disulfide bond is buried, as
cleavage only occurred after unfolding, generating a characteristic increase in protein length upon
reduction. After unfolding, single isomerization events due to attack of Cys-111 on the disulfide were
observed. The G39A mutation greatly increased the regiospecificity of the isomerization reaction,
making attack at Cys-146 and formation of the Cys-111/Cys-146 disulfide 2.5 times more likely than
in the wild-type SOD1. Experiments on the A4V mutant did not show reduction or isomerization
steps. This suggests that the mutation prevents any disulfide from forming, or alternatively induces
isomerization of the disulfide to a solvent accessible state, rendering it cleavable by TCEP even
before unfolding. These experiments highlight the sensitivity of thiol chemistry to the surrounding
amino acid environment.
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S-glutathionylation of cryptic thiols regulates muscle elasticity
Post-translational modification (PTM) of thiols is a well-known regulator of protein function. Be-
cause the intracellular pool of reduced glutathione is in the millimolar range, overwhelming the
cellular redox machinery with oxidative stress can generate a large pool of oxidized glutathione.
This can happen especially during events such as ischemia/reperfusion injury in the aftermath
of myocardial infarction. In one study of a mouse model of myocardial infarction, an ultra-high
molecular weight protein bearing glutathione was seen in proteins isolated from the infarcted cardiac
tissue. Although no confirmatory experiment was performed, a protein of such size was assumed
to be titin, which can reach over 3 MDa in size in some muscle isoforms. Indeed, the elastic I-band
region of titin contains a disproportionately high number of cysteine residues and is thought to be
redox sensitive. Using the wild-type form of I91, which contains cysteines at positions 47 and 63,
Alegre-Cebollada et al. demonstrated that these residues could undergo S-glutathionylation only
after unfolding of the I91 domain [16].
Furthermore, using single cysteine mutagenesis it was found that S-glutathionylation at position
Cys63 lowered the mechanical stability of the I91 fold while modification of Cys47 blocked folding
(Figure 5). Blockage of folding was found to be reversible in the presence of glutaredoxin, which
removes the glutathione from the cysteine residue. Interestingly, these experiments could also be
performed at the tissue level in single stretched human cardiomyocytes. Stretching cardiomyocytes
transmits piconewton level forces to titin, unfolding many domains and exposing cryptic thiols. If
the cardiomyocytes were soaked in oxidized glutathione for 30 minutes while being stretched, they
lost their elastic recoil presumably due to the inability of individual titin Ig domains to refold. This
effect could be reversed by exchanging the buffer for reduced glutathione or DTT, a signature of
thiol/disulfide exchange chemistry. Thus the mechanical properties of cardiac and skeletal muscle
are directly regulated by the redox status of titin Ig domains.
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Figure 2.5: S-glutathionylation of cryptic thiols alters the stability of the native I91 fold. (Top) Force-ramp unfolding
of a mutant (I91C47A)8 polyprotein in the presence of soluble oxidized glutathione (GSSG). Each protein domain
has only a single cysteine at position 63 that can be oxidatively modified by glutathione. After each unfolding step
of ∼25 nm Cys63 is exposed to the solution and can react with GSSG. (Bottom) S-glutathionylation of the thiol is
detected during the second force ramp: each domain containing a modified thiol unfolds at a lower force, indicating
destabilization of the native fold by the presence of a covalently bound glutathione molecule. During the second
ramp five out of six domains refolded, and all five have low stability suggesting post-translational modification by
glutathione. (Inset) S-glutathionylation at Cys47 and Cys63 together blocks folding, and utilizing a mutant (I91C63A)8
it was shown that S-glutathionylation of Cys47 alone is sufficient to block folding, whereas S-glutathionylation of
Cys63 alone only weakens the mechanical stability of the fold.
A protein thioester responsible for bacterial adhesion
Cysteines are also commonly found in a second type of inter- and intra-molecular covalent bond
as a component of thioester bonds. Herein, the cysteine thiol conjugates with a carbonyl to
yield a high-energy bond of the form R-S-CO-R’ (Figure 6A). Often the cysteine originates in
the enzyme and the carbonyl originates in the substrate. The carbonyl is contributed by the
polypeptide backbone in E1/E2/E3-mediated ubiquitinylation and sortase-mediated pilus assembly,
where the thioester bond links the enzyme-polyprotein complex in these examples of anabolic
metabolism. Alternatively, the active site thiol of a cysteine protease catabolizes proteins via a
thioester intermediate that is then hydrolyzed by water. Significantly, while thioesters react readily
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within the enzyme active site, hydrolysis is otherwise slow in solution, with a half-life reaching tens-
to-hundreds of days. Perhaps the most notable thioester in biology is between an acetyl group and
Coenzyme A (CoA, also abbreviated as CoASH to emphasize its terminal thiol group), which is
integral to multiple pathways in central metabolism, including the citric acid cycle and fatty acid
metabolism. The thioester bond is highly exergonic, with a free energy of hydrolysis comparable
to the ATP pyrophosphate bond, and is therefore useful in coupling to less energetically favorable
reactions. These two features—the high energy of hydrolysis and the centrality of acetyl-CoA in
metabolism—have led to a “Thioester World” hypothesis for prebiotic life, wherein thioester bonds
would function as a proto-ATP.
Meanwhile, intramolecular thioester bonds are known to occur in three biological systems, in
Gram-positive bacterial adhesins, in α-2-macroglobulin (α2M) anti-proteases, and in the immune
complement proteins C3 and C4. In each instance, the thioester bond forms between a cysteine
thiol and the side chain carbonyl of either a glutamine or glutamate residue. The end result is
a high-energy bond that can react with nucleophilic ligands to form an intermolecular covalent
bond. Each system directs its thioester chemistry towards a specific end. Gram-positive bacterial
adhesins place the thioester bond at the distal tip of their adhesive structures to react with and
form stable covalent linkages with host ligands, such as fibrinogen of the extracellular matrix. In
an example of convergent evolution, the C3 and C4 complement proteins of the innate immune
system use the thioester to covalently crosslink exposed sugars or amines on bacterial surfaces.
The thioester bond of α2M reacts with the lysine sidechain of a protease, causing inactivation. In
the α2M and C3/C4 complement examples, specificity of the thioester bond towards nucleophilic
ligands is determined by a proteolytic gating mechanism. The thioester bond is guarded within
a hydrophobic pocket until a site-specific proteolytic cleavage exposes the bond to solution and
to reactions with neighboring nucleophiles. In C3, after cleavage, the thioester reaction proceeds
with a half-life on the order of microseconds. Independent of cleavage, there is a low baseline
56
level of C3 thioester hydrolysis or cleavage by amines that exist in equilibrium with thioester bond
reformation. In C3, this equilibrium can be measured by size-exclusion chromatography, as C3
undergoes large-scale conformational rearrangements upon thioester cleavage.
A similar equilibrium was recently determined in the Gram-positive bacterial adhesion Spy0125
(Figure 6B) using AFM-based single-molecule force spectroscopy[17]. In Spy0125, the thioester-
forming cysteine and glutamine side chains are located 149 residues apart, giving a ∼59 nm dif-
ference in contour length (LC) between when the bond is there and when it is not (assuming
0.4 nm/residue). This difference in contour lengths produces two distinct fingerprints with force-
ramp force spectroscopy. Force-ramp unfolding of a Spy0125 polyprotein with its internal Cys-Gln
thioester bond intact yields a regular ∼55 nm steps (Figure 6C). Removal of the thioester bond
by a cysteine to alanine mutation shifts the step size to ∼107 nm (Figure 6D). With these two
fingerprints predefined, the thioester bond can be assayed for reactivity to different nucleophiles
and over various conditions of pH and concentration. For example, Figure 6E shows force-clamp
of the Spy0125 polyprotein in the presence of a small molecule nucleophile, methylamine. The first
module unfolds as a 56 nm step, indicating a formed thioester bond, while the two following mod-
ules unfold with 103 nm and 106 nm steps, indicating thioester bonds that have been cleaved by
the attacking nucleophile before mechanical unfolding. This single-molecule assay has elucidated
two critical aspects of the bacterial adhesin’s thioester bond. First, Echelman et al. observed that
mechanical unfolding of the Spy0125 adhesin inhibits thioester reactivity to nucleophile. In a re-
peat of the force-clamp reduction assays for the disulfide bond, Spy0125 was unfolded on an initial
force pulse and then held at constant forces of 50 – 350 pN. However, subsequent steps from the
nucleophilic cleavage of the exposed thioester bond are not observed, whereas cleavage is readily
observed when the protein is folded and at zero force. This differential reactivity between 0 pN
and > 50 pN should invite future research into thioester chemistry in the low-force range, which
may reveal a negative force dependency of the reaction rates. In addition, the thioester bond is
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Figure 2.6: Resolving the Cys-Gln thioester bond with force spectroscopy. (A) Chemical structure of a cysteine-
glutamine thioester bond. In the bacterial adhesin Spy0125, 149 amino acids separate the participating cysteine and
glutamine residues. (B) Protein structure of Spy0125 as used by Echelman et al. in their thioester force spectroscopy
assay. Residues protected by the thioester bond from mechanical unfolding are colored in gold while the remaining
resides are colored green. The side chains of the cysteine and glutamine participating in the bond are highlighted
in the structure. (C) Force-ramp unfolding of the Spy0125 polyprotein showing repeated stepwise extensions of ∼55
nm, consistent with the presence of formed thioester bonds. (D) With a Cys to Ala mutation to remove the thioester
bond, the Spy0125 tetramer unfolds with ∼107 nm steps. (E) Force-ramp of the same construct as in (C), but with
the addition of a nucleophile (e.g. methylamine), allows for the study of chemical cleavage at the level of a single
thioester bond.
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seen to spontaneously reform using the single-molecule force spectroscopy assay. In the presence
of a nucleophile, the fraction of ∼107 nm steps rises to a plateau due to thioester cleavage. When
the nucleophile is subsequently removed, the population returns to a baseline of ∼55 nm steps as
the thioester bond reforms. Notably, this reformation proceeds with an estimated half-life of < 7
minutes, in contrast to the complement protein C3 which has a half-life for thioester reformation
of 1.5 hours. The spontaneous thioester bond formation observed in complement and in bacterial
adhesins is paradoxical, given that the formation of thioester bonds in solution is energetically un-
favorable, on the order of +7 kcal/mol. Future work based on single-molecule assays may unravel
the energetics of thioester bond formation within a folding protein.
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Implementation of a protein magnetic
tweezers
Magnetic tweezers have been used to study the conformational dynamics of DNA for over twenty
five years, but several key advancements were required to allow the same technology to be used for
studying protein folding. Unlike AFM and optical tweezers, the hardware of the magnetic tweezers
is rather simple, and the core of the instrument lies in its processing software. Here we will outline
the basic operating principles of the magnetic tweezers and then go on to explain the upgrades
made in terms of hardware, software, and protein design that enabled high resolution studies of
protein folding.
3.1 Operating principles
In a typical magnetic tweezers experiment, the biopolymer of interest is anchored at one end to a
glass microscope coverslip and to a superparamagnetic bead at its other end. The superparamag-
netic beads are 2.8 µm in diameter, with a core made of iron oxide nanoparticles and a polymeric
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shell coated with streptavidin or other functional groups. A magnetic field is provided by a pair of
permanent magnets placed above the fluid chamber, which provide a magnetic field ~B on the bead.
Because the beads are superparamagnetic, this external field induces a magnetic moment ~mb for
each bead. The force on the bead is then given by equation
~F = (~mb · ~∇) ~B (3.1)
Superparamagnetic beads have special properties that need to be taken into account when modeling
magnetic tweezers. They supposedly have no remnant magnetization, so their magnetic moment is
zero in the absence of any external field. This is especially useful experimentally because it means
there are no attractive forces that cause the beads to lump together when they are not near another
magnet. As the external field ~B is turned up, the magnetic domains in the iron oxide nanoparticles












where Bc is the characteristic field value separating the linear from the saturating regimes. For
very weak fields the magnetization induced in the bead is linear with the applied field according
to ~mb = Vbχ~B/µ0 while for high strength fields ~mb = msat. In these equations, Vb is the bead
volume, χ is the magnetic susceptibility, which determines the sensitivity of the magnetic moment
to the applied field, and µ0 is the permibility of vacuum. Superparamagnetic beads have very high
susceptibility such that the domains align nearly completely in fields of only a few mT. Then the





( ~B · ~∇) ~B forB  Bc
(~msat · ~∇) ~B forB  Bc
(3.3)
From these equations it can be seen that in the case of the weak field, the force is proportional to
the derivative of the square of the magnetic field, while for large fields, the force is proportional to
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the derivative of the field. For these equations to be useful, all of the parameters of the magnetic
beads must be accurately known, and the beads must have no remnant magnetization. Some have
found that the beads commonly used in magnetic tweezers and other magnetic separation studies
actually have a residual magnetic moment after exposure to strong magnetic fields, which requires
a correction factor be applied to the above equations [1], and will be used later for developing the
theory behind the electromagnetic tape head tweezers.
While these equations are useful when the magnetic field ~B is known, or can be modeled
as is the case for electromagnetic coils, there is no analytical solution for the field generated by
permanent magnets. It has been shown repeatedly that for two permanent magnets in the “vertical”
orientation (poles facing opposite directions), that the field decays exponentially along the pulling
direction (z) as Bz = Bmaxe
−L/λ where Bmax is typically the surface field strength reported by
the magnet manufacturers, L is the distance from the magnet surface to the bead, and λ is the
decay length of the field, which is typically on the same order as the gap separation between the
two magnets. Modeling the permanent magnets as a series of equivalent current loops, Lipfert et
al. demonstrated that the single exponential law is approximately true [2].
Open source finite element modeling software also demonstrates the same empirical finding,
that the field decays exponentially with the distance to the magnet surface, along the plane of the
magnet gap. Because the magnetic field decays exponentially, the derivative (and hence the force
on a bead in the field) also decays exponentially with the distance from the magnetic surface.
F = Fmaxe
−L/λ (3.4)
This force-distance relationship is called the magnet law, and due to the high uniformity of the
superparamagnetic beads now available, can be used to predict the force without calibration on a
bead-to-bead basis. Some have reported that a double exponential is a better fit for the magnet
law, and this is may be due to the transition from linear to saturation conditions, or the fact the the
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Figure 3.1: Numerical simulation of the magnetic field produced by two permanent magnets without (left) and with
(right) a soft iron plate backing. The simulation is done using the material proerpties of N52 magnets (0.66 T
surface field, Bmaxr = 1.4 T). The field is at a maximum on the interior of the magnets and by drawing a line along
the axis of the magnet gap, it can be shown that the field decays exponentially with the distance from the magnet
surfaces. In our magnetic tweezers setup, as well as many other lab’s instruments, the N52 magnets are mounted
on a magnetically susceptible iron plate or yoke. The iron redirects the field fines, refocusing the field, to produce
a slightly higher gradient (right panel). This is thought to increase the force on the superparamagnetic beads by
roughly 10 %.
decay length of the magnet law, λ, governs the ranges over which the magnet law is applicable [3].
It is difficult to make comparisons between different datasets and different magnet laws, as magnet
gaps ranging from 300 µm to 2 mm are used in the various studies. For the magnet configurations
and working distances used in these studies, we found that a single exponential accurately captured
the magnet law.
Passive force clamp The most coveted feature of the magnetic tweezers, compared with other
modes of force spectroscopy, is its ability to produce a passive force clamp. Force, as we have
discussed, is an intensive property of the system being studied in a protein pulling experiment.
It does not change with the size of the system. The length of the protein on the other hand, is
an extensive property that varies with the folding state of each domain, or with the size of the
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protein construct. Controlling an intensive variable is generally much easier and provides a direct
connection to thermodynamics without making any underlying assumptions about the system.
Force-clamp allows, for example, the rate of unfolding or refolding to be examined as a function of
force, and fit to rate laws that depend on the energy potentials that govern the physical process.
This allows for the estimation of thermodynamic quantities such as the energetic height of the
activation barrier, the distance to the transition state, and the Gibbs free energy difference, to be
determined in protein folding experiments.
The magnetic tweezers provides a special force-clamp without the need for any electronic or
mechanical feedback systems, that is totally dependent on the length scale λ of the magnetic field
used in the experiment. In our magnetic tweezers instrument, the characteristic length scale λ is
on the order of about a millimeter, while the length changes experienced by the protein under force
are on the order of a nanometer. Therefore, protein unfolding-refolding reactions do not change
the distance L between the bead and the magnets, and there is then no change in the force. This
means that the magnetic field provides an all-passive, infinite bandwidth force-clamp. Unlike the
AFM, which has an electronic force-clamp which is limited by the bandwidth of the PID feedback
circuit and the response times of the cantilever and piezo positioner, there are no such limitations
for the magnetic tweezers. Another way to think about the passive force clamp is to calculate
the derivative of the magnet law at any position of the magnets used during a protein pulling
experiment to find the effective spring constant of the magnetic trap, kM , which is equal to the
derivative of the magnet force law
kM ≤ −Fmax/λ (3.5)
The spring constant is at a maximum when the magnets are approached as close as possible to
the beads (L = 0), and becomes softer as the distance is increased. Using this equation and the
parameters for Fmax and λ we will determine in the next chapter, it can be shown that kM ≤
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1× 10−7 N m−1 or 0.0001 pN nm−1 [4]. By contrast the smallest spring constants acheived in op-
tical tweezers, around 0.6 pN nm−1, is oftened considered good enough to provide “force-clamp”
conditions but in reality causes the force to change by a few piconewtons when the molecule un-
folds and the tethered bead falls down the trap a small distance. The “constant trap position” of
magnetic tweezers provides true passive force-clamp whereas the equivalent experiment performed
in magnetic tweezers is actually out of equilibrium all the time.
3.2 Equipment
The magnetic tweezers instrument is constructed on top of an inverted light microscope, with epi-
illumination. This is slightly different from other magnetic tweezers configurations, which provide
illumination via the condenser path above the microscope stage, passing light through a small gap
between the magnets. This setup is fine for DNA magnetic tweezers, which can afford to separate
the magnets because stretching DNA structures only requires a few piconewtons of force. For the
high forces needed to unfold some protein domains on a reasonable time scale, the gap must be as
small as possible. For this reason, we do not separate the magnets, and imaging of the magnetic
and reference beads must be done with epi-illumination. The basic imaging path of the instrument
and the finished instrument are shown below. The light from a cold white LED (Thorlabs) is
reflected by a 50:50 silvered mirror beamsplitter onto the sample flow cell through a 63x NA 1.4
infinity-corrected oil immersion objective (Zeiss). In the flow cell the light is scattered by the
magnetic and reference beads and returns through the objective, passes through the mirror to the
internal optics of the microscope. A tube lens focuses the image of the beads into the eyepieces
or a high-speed camera mounted on the microscope. The optics are so simple that most inverted
microscopes could be adapted to perform this imaging only be replacing any of the dichroic filter
sets with a single 50:50 beamsplitter. Positioning the objective is performed with a high speed
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Figure 3.2: (A) The main magnetic tweezers used in these experiments was built on top of a Zeiss Axiovert 135
inverted fluorescence microscope. There is a single xiQ CMOS camera mounted above the eyepieces with a usb 3.0
cable leading to the PC. The voice coil is mounted on the arm of the microscope, with the voice coil controller sitting
at the back left corner of the isolation table. The piezo controller sits on the shelf above the instrument, with the
NI-6341 usb DAQ card sitting on top of it for reading and writing voltages to the instrument. (B) Side view of the
instrument giving a better view of the LED lamp, objective piezo, and voice coil. (C) Zoom in on the voice coil with
the permanent magnets mounted on a 3D printed holder with an iron plate on the end. The flow cell is also show,
consisting of a single parafilm space sandwiched between two No. 1 coverslips.
piezo scanner that sits between the microscope turret and the objective. There are only a few
requirements for this piezo, which are very different from the piezo for nanomanipulation of proteins
in an AFM instrument. The most important property of the piezo for the magnetic tweezers is its
linearity. Because the magnetic tweezers can be used to measure step sizes of protein folding and
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unfolding, and because these step sizes are later used to calibrate the magnet law, it is incredibly
important that the piezo be able to take linear steps with precise spacing. That being said, the
spacing of the steps is quite large, 20 nm in a typical magnetic tweezers experiment. Therefore the
resolution (which is determined by the piezo amplifier noise) and the repeatability (since the steps
are unidorectional) are not major concerns. The P-725 piezo listed in the table below and used
in all of our instruments has sub-nanometer resolution and 1.5-nanometer repeatability due to its
capacitive sensor. Although this is the only piezo we tested, it is most likely overkill, which is why
we have begun recommeding the P-721 piezo from PI with the digital servo controller/amplifier
combo.
The remainer of the instrument consists of a voice coil for high speed positioning of a pair of
N52 permanent magnets above the flow cell. This voice coil is mounted on the articulating arm
used to hold the condenser apparatus for brightfield imaging of samples. Usually, the condesner can
be removed intact, and the arm can be modified with an aluminum plate for mounting the voice
coil. The arm should be kept functional as it is useful to swing the voice coil away from the stage
when adding magnetic beads, exchanging buffers, or any time it is necessary remove the magnetic
force from the sample. We have chosen to use a high speed voice coil (Equipment Solutions)
rather than a stepper motor for several reasons. Because we are relying on a magnet law, absolute
positioning of the voice coil is completely necessary. Stepper motors rely on quadrature encoders
the provide relative positional accuracy that is subject to backlash and other positioning errors.
Furthermore, the voice coil can achieve speeds of hundreds of centimeters per second, allowing for
unfolding experiments very far from equilibrium to be performed. By contrast the stepper motors
have a maximum speed of only a few millimeters per second, limiting the kinds of experiments that
can be performed. The voice coil is a perfect compromise between the traditional stepper motor
approach, which provides the high forces of permanent magnets but slow positioning dynamics,
and electromagnetic coils which provide infinite bandwidth dynamics but relatively weak magnetic
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63x/1.40 NA Oil ∞ Zeiss
Beamsplitter
BSW10R 25 x 36 mm
50:50 UVFS Plate Beamsplitter
Coating: 400 - 700 nm
Thorlabs
Voice Coil LFA-2010 Linear Focus Actuator Equipment Solutions
Voice Coil Controller Custom *See appendix





Table 3.1: List of parts used across two generations of magnetic tweezers instruments. The latest version uses the
Ximea XiQ camera and a custom controller board for the voice coil. Many of the parts are interchangeable: any
inverted microscope can be used although we recommend one built for infinity corrected objectives. Illumination
can be achieved with this LED, a bright halogen lamp, superluminescent diode, or a laser (requires radio-frequency
modulation if used in conjunction with a CMOS sensor). Any reasonably linear piezo objective positioner can be
used, or alternatively a piezo stage. Almost any data acquisition card from National Instruments is compatible with
our software as long as it has at least two analog output (AO) channels. Any grade, size, or shape of magnets can
be used so long as the magnet law is recalibration for that magnet pair (see Calibration chapter)
research. The main upgrade made to the instrument was the camera, which provided a C language
API that allowed for complete rewriting of the magnetic tweezers software for higher throughput.
The previous camera was a black and white CCD camera with VGA (640x480) resolution and a
FireWire 800 (IEEE 1394b) connection that required a PCIe addon card. The camera was upgraded
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to a CMOS sensor with 1280x1024 resolution and a USB 3.0 connection enabling transfer rates up
to 5 Gbit/s at about one-third the price. The current bottleneck of the system is due to the camera
speeds and the illumination. Although we can surrently process the frames faster than they are
acquired, we have limited the exposure time for each frame to 650 µs. Shorter exposure times require
the LED lamp to be turned to even higher intensities to achieve the same signal-to-noise ratio of
the images. Unfortunately we have found that higher light intensity exaggerates the production of
free radical species that damage the proteins being studied. We found that an exposure time of 650
µs is a good compromise between temporal resolution and light initiated damage of the proteins.
Future generations of magnetic tweezers will likely overcome these problems by changing the light
path, the light source, or by utilizing more sensitive camera sensors. This table summarizes all of
the parts used throughout prototyping and construction up to the latest version. The custom voice
coil controller is a fully analog PID feedback circuit paried with a high current solid state speaker
amplifier chip designed in house and calibrated using an optical template (Heidenhain GmbH). We
have found our design to provide better than 50 micrometer positional accuracy and repeatability
over the ranges used in a typical magnetic tweezers instrument. For a more detailed explanation
of the controller, including the circuit schematics layout diagram, please see the appendix.
3.3 Bead Tracking Algorithms
The heart of the magnetic tweezers instrument is its control and imaging software. The control
software automates the various functions of the magnetic tweezers by reading and writing voltages
from the data acquisition (DAQ) card. This includes doing things like building the confocal stack
used for bead tracking, automating movement of the voice coil, and correcting drift of the objective
by moving the piezo. The details of the automated control will not be explained here but can be
understood through careful examination of the code. Here we will discuss in detail the algorithm
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used to track the position of the magnetic and reference beads in the vertical (z-) direction and
propose a new method for tracking bead motions that are in the imaging (xy-) plane which could
prove useful for calibrating the magnetic tweezers via the fluctuation theorem.
z-tracking
Bead tracking in magnetic tweezers in a correlative technique, which is different from the AFM or
optical tweezers which track the directional reflection or scattering of a laser beam by the force
probe using a quadrant photodiode. In the earliest magnetic tweezers instruments, a fluorescent
bead was pulled laterally by a pair of permanent magnets and the centroid of the fluorescence could
be tracked. This had some disadvantages including unwanted interactions of the bead with the
glass surface (making calibration difficult) and spatiotemporal resolution limited by the fluorescence
signal. In 1996, Strick et al. demonstrated pulling of DNA in the vertical direction where laser
scattering by the bead was used to determine DNA extension[5], and in 2002 Gosse and Croquette
were the first to demonstrate how to use videomicroscopy to determine the position of the bead [4].
The basic premise is that out of focus images of the bead contain image artifacts, in the form of
a series of concentric rings around the bead due to scattering and diffraction of the incident light.
The intensity and spacing of these diffractions rings changes roughly linearly with the distance
of the bead to the focal plane. By moving the focal plane through steps of a predetermined size
using the objective piezo, one may build up a “stack” of images of the magnetic bead sM =
{sM,0, sM,1, ..., sM,N}. In our magnetic tweezers experiments the images have a spacing of 20 nm
which is a good compromise between resolution and the time for computation. Smaller steps
require more correlations to be calculated and also have the disadvantage that the instrument
might experience thermal drift during acquisition of the stack. This will make the stack spacing
slightly non-linear, so it is important to have a stable instrument and to acquire the stack set sM
as quickly as possible. Once the stack is acquired, the position of the bead can be determined
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Figure 3.3: The z-tracking algorithm: A) 128x128 pixel ROI of a 2.8 µm bead at focal position 1000 nm (top) and
1600 nm (bottom). B) FFT of the images in (A). The red line marks a radial vector. The black dots mark the pixels
that contribute to three different radii: 48, 94,140 (pixels x4). C) Radial profiles resulting from the FFT’s shown
in (B) and computed using the FKA algorithm. The black dots identify radial vector positions 48, 94, 140 (see B).
D) Stack of radial vectors obtained by moving the objective focal plane (z position) through the bead shown in (A)
over 2 µm, in steps of 20 nm. E) Correlation profiles between measured radial vectors (inset) and the stack at two
different z positions. The correlations are fit with a Gaussian distribution (solid lines), where the mean reports the
location of the bead in the z-axis.
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in real time by computing some geometric distance between the current image and every image
in the stack sM . The current position of the magnetic bead is then equal to the focal position
in the stack where the pixel-by-pixel differences between the stack image and the current frame
are minimized. Although this is simple in practice, we have modified the technique to provide the
higher resolution that is needed for tracking the small step sizes involved in protein folding, which
are tens- to hundreds of times smaller than those typically observed in DNA looping experiments.
Fourier transform & power spectrum While the bead position can be easily computed by
matching the current image with the stack sM , there are a few problems caused by the instrument.
The bead tethered by a single polymer to the glass coverslip is undergoing Brownian motion that
causes the position of the bead to change by its position in the xy-plane. The pixel size in our
microscopes is approximately 40 nm, and it is very common for the bead to take excursions along
the x- or y-direction of 100 nm or more. When this happens, the correlation between the current
image fM and the set of images in the stack is abolished and the correct position cannot be found.
This also becomes a problem when microscope stages drift in the xy-directions, which leads to
persistent offsets between the bead and the focal stack.
To overcome this limitation, many groups re-sample the bead image to center it in the camera
frame so that it is within a single pixel of the image in the focal stack [6, 7]. Another way to
remove the positional information of the image is to take the Fourier transform of the image and
then compute the power spectrum. We choose this method because it is less cumbersome to code
in the software, very efficient, and provides nanometer-level resolution. The Fourier transform is a
linear transform, so all of the image information is still encoded after a discrete Fourier transform
(DFT) is performed on the image. However, the transform segregates some information in useful
and predictable ways. The power spectrum of our sample 128x128 pixel image, fM is calculated
from the Fourier transform FM by summing the square of the real and imaginary parts, P (k) =
74
|F (k)2| = (ReF (k))2+(ImF (k))2, where k is the spatial frequency. Because it is a 2-D image, there
are really two spatial coordinates (kx, ky) addressed by the pixels in the Fourier transform. The
pixel readouts from the camera sensor are all positive values so the zero frequency pixel at (0, 0)
encodes the total image intensity. This can either be ignored or removed altogether by subtracting
the mean from the image before performing the FFT. By taking the power spectrum, all of the
positional information (encoded by the FFT phase angles) about the bead in the xy-plane is lost. In
the next section we will show how to recover the bead position in real space using properties in the
frequency domain (without having to perform an inverse FFT). After taking the power spectrum,
the only information remaining are the intensities of the component frequencies that make up the
bead image. This is dominated by the large central ring of the bead which scatters light very
intensely, but there are also peaks at higher frequencies that are from the diffraction rings around
the bead. The intensity of the peaks changes dramatically with the distance from the bead to the
objective focus, and does so linearly over a 1 µm range.
Windowing One further pre-transform step is necessary to prevent artifacts in the FFT. Win-
dowing is common in signal conditioning prior to taking the FFT to alleviate some of the problems
cause by computing the Fourier transform of a discrete sample that is not infinitely long. We apply
a simple Hann (Hanning) window function to the image before taking the FFT, which prevents
“streaking” of intensities in the frequency space due to in-homogeneous lighting of the beads (if
one side of the image is brighter than the other), and also helps to filter out any beads that are in
the field of view but are not the bead that is being tracked. Most windowing functions can be used,











where n is the pixel index and N is the total number of pixels along the dimension being trans-
formed.
Radial profile The beads used in the magnetic tweezers experiments are highly uniform and
radially symmetric. This means that the Fourier transform of an image of the bead will also have
radial symmetry. To improve the signal-to-noise ratio of the fitting done in the next step, the





upsampling to account for subpixel spacing. This is equivalent to a discrete version of the following






F (kr) dθ (3.7)
The integral only needs to be calculated for half of the frequency space due to symmetry properties
of the FFT (i.e. the negative frequencies can be ignored along one spatial coordinate). This integral
is computed numerically by binning the pixels with the same radial distances, summing the pixel
values at these locations, and then dividing by the number of pixels in the bin. This takes us from
a two dimensional representation of the Fourier transform to a one dimensional version that is
averaged per radius. This allows the next step, computation of the correlation between the image
and the stack, to be done much faster
Correlation coefficient After the radial profile is computed for the image of the magnetic bead
and each image in the stack, a correlation coefficient must be determined. For a stack image sM
and a magnetic bead image fM the FFT and radial profiles are computed and stored as ŝM and
f̂M . We originally computed the Pearson correlation coefficient between the two quantities,










i (fi − f̄)2
(3.8)
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which has some nice properties, particularly that it is bounded so that ρ < 1. But when we moved
the code to the C++ base, there was not a built in function for computing the correlation coefficient
so we instead relied on the squared difference between each radial profile in the stack and the image:
ρ(ŝM , f̂M ) = 1−
kmax∑
kmin
(ŝM − f̂M )2 (3.9)
We also limited the frequencies to [kmin, kmax] because the low frequency components are dominated
by the bright central ring and the high frequency components only contain noise. Limiting the
computation of the correlation coefficient to the region of the radial profile that changes most
rapidly with the focal distance gives the best possible resolution from the magnetic tweezers during
the subsequent fitting steps.
Interpolation by least squares fit Now that we have determined the set {ρi} of correlations
between the current image and the image stack, the final position of the bead is calculated by
sub-stack interpolation. The stack is made from images that are spaced 20 nanometers apart, but
we require resolution much better than that for tracking protein folding. To do so, we determine
a subset of the correlation vector by taking the index where the correlation is maximized, with j
neighbors to the right and left of it. This subset is defined as
RM = {ρmax−j , ρmax−j+1, ..., ρmax+j} (3.10)
We usually use j = 5 so that a set of a set of 11 points are considered during the least squares
quadratic fit. The least squares fit can be either for a simple parabola or for a gaussian function.
If a parabola is fit, then the ρ values are left as is, but if a Gaussian fit is desired, then the natural
log of the ρ values is taken before the fit. The maxima of a second order polynomial ax2 + bx+ c
is fit using the matrix formalism
C = (ZTZ)−1ZTRM (3.11)
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where C is the list of coefficients {a, b, c}, Z is the Vandermonde matrix providing the coordinates
of the correlations in the stack, and RM is the subset of the correlation vectors that we have chosen
to fit around the maxima of the set. This least squares provides a single calculation (non-iterative)





The speed of the calculation depends on the number of points fit around the maximum of the
correlation, and the order of the polynomial used in the fit. Theoretically a polynomial up to 5th
order could be used for fitting. The maxima are located at the roots of a quartic equation, which is
the highest order polynomial with analytical roots. In reality, no one fits polynomials higher than
3rd order for determining the bead position in the stack.
Reference bead correction As seen above, there are always two beads tracked during an ex-
periment. One is the magnetic bead with the single protein tether, and the other is a polystyrene
bead used to track the location of the pulling surface. This is of absolute necessity in the magnetic
tweezers instrument, which is subject to hundred of nanometers of thermal drift per minute. Due
to the complexity of the inverted microscope instrument, its many moving parts, and its construc-
tion with metals and plastic of varying heat capacity and thermal expansion coefficients, thermal
gradients of a fraction of a degree cause the body of the microscope to swell and flex. This drives
the flow cell towards and away from the microscope objective and creates difficulty when trying
to extract the positional information of the biopolymer attached to the magnetic bead. The ref-
erence bead serves two purposes. First, for each frame the location of the reference bead zR and
magnetic bead zM is calculated relative to the focal stack. The positions of the two beads are
then subtracted to provide the relative separation relative to when the focal stack was made. This
effectively removes the thermal drift from the measurement, and leaves only the extension of the
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underlying protein, which is then written to the disk. The second purpose of the reference bead
is to provide a means for correcting focal drift throughout the course of the experiment. Every n
frames the absolute position of the reference bead is checked relative to its position at the start of
the experiment. If the focus has drift by more than 10 nm away from its original position, a 10
nm step is made to correct the focal separation. Because these steps are so small, and because the
relative position of the magnetic and reference beads is measured, the corrections have no effect on
the experiments. Above demonstrates step size measurement from protein L during a real magnetic
Figure 3.4: Step-size measurements of different magnet positions. Length histograms were obtained from the data
corresponding to each step and the absolute position was measured using Gaussian fits. The size of each step was
measured as the difference between the centers of the two peaks. The S.D. of was step is 1-2 nm. The populations
of the folding step sizes are normally distributed around their average
tweezers experiment. It is clear that the standard deviation of the length signal is on the order of




Here we present a subpixel centroid method related to center of mass techniques, but where all
estimates are made in the spatial frequency domain. The micron size beads used in tethered particle
experiments are highly uniform and radially symmetric. The image of a single bead, f(x, y), imaged
precisely onto the center of the camera sensor constitutes a positive, real, and symmetric function
in pixel space. Then its discrete Fourier transform F (kx, ky), defined as






will have a modulus |F (k)| that is even and an argument φk that is zero everywhere because the
imaginary part of the transform is zero. This is expected as any function that is axially symmetric
around the origin is an even function and can then be reconstructed purely by a sum of cosines.
Any shift (δx, δy) in the bead position away from the center of the image, will cause the DFT to
have an imaginary component. This is a consequence of the Fourier shift theorem, which states
that any shift δ of the function in real space relates to a phase shift in Fourier space by e−2πiδk.
The Fourier transform of the shifted image then contains an imaginary component which encodes
the pixel shift of the underlying radially symmetric function. It can be shown that the center of









Fillard demonstrated in a series of papers that for radially symmetric functions, this quantity
is approximated by the phase angle of the Fourier transform [8, 9]. The offsets (δx, δy) can be
computed by determining the slope of the phase angle φk as a function of the spatial frequency. He
called this the Fourier Phase Shift method for centroid determination and demonstrated its ability
to detect sub-pixel shifts. He also noted that the accuracy of the technique is enhanced when
there are symmetrical oscillatory components in the signal. This is exactly the case for imaging of
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diffraction limited micron sized particles, which are typically imaged using light with a wavelength
on the same size scale, creating a a set of high frequency interference rings around the bead.
We extend the techniques of Fillard and further improve resolution and robustness of the
algorithm with several steps. First, the phase angle (argument) of an arbitrary 2D signal is defined
only on [−π, π] and therefore has many discontinuities. Taking the remainder of the argument after
division by π converts the argument to a continuous function that extends further in the frequency
space. The second step involves building a matrix to perform weighted least squares fitting of the
phase plane. The weight matrix, Wk is easily computed from the image power spectrum, while
zeroing the power at certain frequencies that make unwanted contributions to the phase angle.
The technique demonstrated here has several advantages over the aforementioned centroid fitting
algorithms. Foremost is the simplicity of the algorithm, which essentially requires only a fourier
transform and a 2D weighted fit. There are highly optimized libraries for the computation of both
of these steps (e.g. FFTW, LAPACK/BLAS) that reduce the amount of programming to minimal
levels. Second is the fact that the algorithm focuses on the low spatial frequency components of the
particle image and is therefore robust to various sources of noise. Here we present the algorithm
and then demonstrate its ability to track real and tethered particles.
Numerical Method
We consider a 2D image that is represented by a function f(x, y) with size M × N pixels. The
coordinates of the pixels are such that x = 0, 1, ...,M − 1 and y = 0, 1, ..., N − 1. The discrete
fourier transform of a 2D signal has its coefficients defined as
F (kx, ky) = |F (kx, ky)|eiφ(kx,ky) (3.15)
The power spectrum is calculated by
|F (kx, ky)|2 = Re(Fk)2 + Im(Fk)2 (3.16)
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As mentioned before, depending on the waveform there might be many discontinuities in the phase
angle as it wraps around from −π to π. We will define the residual phase angle ψk as
ψk = mod (φk + π/2, π) (3.18)
In addition to the modulus operation, there is also an angle of π/2 radians is added to the phase.
This will help with detection of very small offsets from the origin, as demonstrated later. These
are all of the calculations that must be performed prior to the least squares fitting. However, it
is often not desirable to fit the entire frequency space provided by the DFT. Depending on the
magnitude of the offsets (δx, δy), the phase plane defined by φπ will still wrap around from −π to
π somewhere in the DFT. Therefore we construct a mask matrix, which contains values of either
0 or 1 that will be multiplied by the weighting matrix Wk. The mask function is defined by
Wk =

0 k = 0
0 k > kmax
1 otherwise
(3.19)
The precise value of kmax depends on how far away from the origin the bead travels. If all shifts
(δx, δy) are smaller than a single pixel, then the phase plane can be fit up to the Nyquist frequency.
For larger shifts, the phase plane will wrap around before the Nyquist frequency, so kmax must be
lowered accordingly. In addition, the zero frequency components of the phase are removed by the
mask. Although these points will contain the most information about the center of mass of the
image, they can be easily biased by inhomogeneous illumination of the microscope field of view.
We found empirically that it is best to eliminate the frequencies from the least squares fitting. The
final step in extracting the position information is least squares fitting of ψk to a plane
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Figure 3.5: Algorithm for measuring offset of bead from image center: A bead that is offset from the center of the
image region of interest by pixel shifts (δx, δy) is acquired by the camera. First the discrete Fourier transform is
computed, after which the power spectrum (magnitude squared) and phase angle can be computed. The offsets are
computed by least squares fit of the phase modulus, weighted by the masked power spectrum. This method can
resolve subpixel offsets without having to compute the inverse Fourier transform, saving precious computational time
during real time tracking.
ψk = akx + bky + c (3.20)







and X contains the independent variables (frequencies of each pixel of the
DFT) for fitting the plane. The true shifts (δx, δy) can are then easily calculated from the slopes








which is the same final result that is given by Fillard. This fitting procedure extracts the maximum
position information from an image of a radially symmetric bead that is offset from the image origin
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by some factor (δx, δy). Here we will demonstrate the ability of the algorithm to resolve subpixel
image shifts and test the sensitivity of the algorithm to sensor noise.
Simulated particle stepping
Here we will simulate a particle image in a 128x128 pixel region of interest, as is used in the real
particle tracking experiments. The particle ”function” will be calculated by a Gaussian annulus
f(x, y) = exp(−(r−r0)2/σ2) where r =
√
(x− δx) + (y − δy), r0 is the radius of the annulus, and σ
is the radial width of the Gaussian. The function offsets (δx, δy) will be alternately stepped between
0.0 and 0.1 (one-tenth) pixels in both the x- and y- directions under different noise conditions.
The gaussian annulus has a peak value of 1.0 while the additional noise is drawn from a normal
distribution with an amplitude of 0.10, 0.033, or 0.010, corresponding to signal-to-noise ratios of
10, 30, and 100 respectively. The particle trajectories for 100 frames under each of the noise
conditions is shown in Figure 2, and the standard deviation of the measured signal (after removing
the 0.1 pixel stepping) is summarized at the different signal to noise ratios in the table below. For
these tracking experiments, and all experiments in this report, kmax was not truncated because the
stepping was sub-pixel. Therefore, kmax was set to the Nyquist frequency
N
2 − 1 which in this case
was 63 pixels-1. We can see that even under the worst noise conditions, the standard deviation of
the signal was still equal 0.025 or 1/40th of a pixel, much smaller than the steps that were taken.
S/N
ratio
3 10 30 100 300
stdev.
(pixels)
0.052 0.025 0.008 0.002 0.001
Table 3.2: Simulated lateral stepping resolution using the Fourier phase modulus algorithm. Pixel sizes in our
microscope are on the order of 50 nm and signal-to-noise ratios are on the order of 30 or better.
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Figure 3.6: Simulation of a bead undergoing lateral step of 1/10th of a pixel under different noise conditions. The
bead image is simulated as a gaussian annulus (radius of 19 pixels and a thickness of 3 pixels) superimposed on top of
a noise floor that simulates the sensor noise under different lighting conditions or exposure times. As the signal-noise
ratio rises from 3-10, the particle stepping becomes clearly detectable through the noise. In the signal-noise raange
of 30-100, which is where our instrument operates, can easily give resolutions down to a few-thousandths of a pixel,
which equates to subnanometer resolution.
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3.4 Software
The source code and compiled binaries are freely available from the Fernandez lab upon request.
The latest version of the software is written in C++ using Microsoft Visual Studio 2017 (64bit
compiler). Several C++ libraries are required for compiling the software, listed in the table below.
The Qt library is required for design of the graphical user interface (GUI), openCV is used to obtain
the camera images and perform numerical analysis on them, xiApi is necessary for communication
between the camera and openCV, and NI-daqmx provides the function for reading and writing
from the DAQ card. In order to correctly compile the source code, Visual Studio 2017 must be
told were the source libraries (*.lib) files are located on the disc as well as the location of their
header (*.h) files. In Visual Studio 2017 this is easily done for the Qt libraries by installing Qt
Visual Studio Tools extension. Then the .h files can be specified in the project properties under
C/C++ → General → Additional Include Directories tab and the .lib files can be specified under









Table 3.3: C++ library sources
3.5 Flow cell design and chemistry
The flow cell is adapted from tried and true methods drawn from other magnetic/optical tweezers
labs, as well as attachment chemistry used in single molecule fluorescence studies. The following
86
is the protocol used for cleaning the bottom glass coverslips before functionalization with silane.
Both the top and bottom coverslips are No. 1 glass, with the bottom coverslip having a size of
24x40 mm and the top at 22x22 mm.
1. Submerge the coverslips in 1% Hellmanex (Hellma) and microwave until boiling.
2. Allow the coverslips to cool, then sonicate for 20 minutes. Rinse the coverslips tenfold with
distilled water.
3. Submerge the coverslips in distilled water and microwave until boiling. Rinse the coverslips
tenfold with distilled water.
4. Submerge the coverslips in acetone, then sonicate for 20 minutes.
5. Submerge the coverslips in methanol (or if unavailable then ethanol), then sonicate for 20
minutes.
6. Air dry the coverslips using nitrogen or place in an oven (95 ◦C) before proceeding to the
next step.
7. Clean the coverslips with oxygen (or nitrogen or room air) plasma for 10 minutes. Alter-
natively if you do not have a plasma cleaner it is possible to use high molarity potassium
hydroxide (5M KOH) or piranha solution (3:1 mixture of sulfuric acid and hydrogen peroxide)
can be used [10].
8. Submerge the coverslips in 1% vol/vol 3-aminopropyl(thrimethoxy)silane (APTMS, Sigma)
for 20 minutes, with shaking or stirring.
It is very important that this is fresh silane that has never been opened. Once the silane is
exposed to moisture in the air, it will begin to polymerize in the solution and will not provide
good surface chemistry!
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9. Discard the silane solution and wash thoroughly three times with distilled water, followed by
a final wash in ethanol. Immediately dry the coverslips with a nitrogen stream so that there
are no visible droplets on the glass.
10. Bake the coverslips at 95 ◦C for 20 minutes minimum to drive the silanization reaction to
completion.
These coverslips now have amino groups covering the surface in high density. These can be stored
in a dessicator for several months before they need to be discarded. The next step is assembly of
the flow cell “sandwiches” which is depicted in the figure below. We found that the easiest method
for construction was by using a parafilm spacer in between the top and bottom coverslips. We
cut many parafilm spacers at a time using a K40 “blue” laser cutter widely available on eBay and
Amazon along with the open source K40 Whisperer software from ScorchWorks. This software
allows for direct loading of .svg files designed in Inkscape vector graphics software and control of
the laser intensity and cutting speed. The top coverslips are also treated before they are assembled
into the sandwich, first with a simple Hellmanex sonication and distilled water rinse, and then
with overnight treatment in Rain-X windshield rain repellant. The next day the coverslips should
be rinsed in ethanol and then stored in a dessicator. The Rain-X contains dichlorodimethylsilane
in low concentration (the monomer subunit of PDMS), which renders the surface hydrophobic.
This compound can be bought in its pure form from Sigma but requires handling under inert
atmosphere, or in the form of Repel-silane (GE Healthcare) which works faster than Rain-X but is
more expensive. The following protocol describes the remaining steps for functionalizing the flow
cells for magnetic tweezers experiments[11].
1. Assemble the “sandwiches by placing a parafilm spacer between the top and bottom func-
tionalized coverslips. Place on a hot plate at 80 ◦C and press with a metal block until the
parafilm has melted.
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2. Remove the sandwiches and allow them to cool. Prepare a 1% glutaraldehyde solution in
phosphate buffer (or water). Add 100 µL to each flow cell for 60 minutes
3. Dilute amino-coated polystyrene beads (2.8 µm Spherotech) 1:10 in phosphate buffer and add
100 µL to each flow cell without removing the previous glutaraldehyde containing solution.
Incubate for 10- 20 minutes to achieve proper coverage of the coverslip surface.
4. Rinse the chambers thoroughly with 300 µL or more of phosphate buffer to remove any free
glutaraldehyde still in solution.
5. Prepare a 1:500 dilution of HaloTag amine (O4) ligand in phosphate buffer. This compound
arrives in solid form and is immediately dispersed in DMSO for storage at −20 ◦C. Add 100
µL to each chamber and leave for a minimum of 4 hours.
6. After reaction of the HaloTag ligand is complete, wash the chambers thoroughly with blocking
buffer (300 µL or more of 1% BSA and 0.1 % sodium azide in phosphate buffer). Store the
chambers in a humidity chamber at 4 ◦C until they are ready for use.
Prior to an experiment, it is also necessary to block the M-270 streptavidin coated beads with the
same blocking buffer used in the chambers for at least two hours, preferably overnight. To perform
an experiment, simply add 10-50 nM of a biotinylated and HaloTagged protein to the chamber
and allow to react for 15-30 minutes. Wash excess protein away with phosphate buffer and then
add a small volume of the blocked magnetic beads. After the beads become attached, bring the
permanent magnets to their resting position at 4 mm above the flow cell surface. The below table
contains a list of all the chemicals and suppliers used for preparation of the flow cells.
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Supplier SKU
Glutaraldehyde Grade I, 25% in H2O
specially purified for use as an
electron microscopy fixative
MilliporeSigma G5882-100ML




Dynabeads M-270 Streptavidin Invitrogen 65305












Repel-silane GE Healthcare GE17-1332-01
Table 3.4: Reagents for preparation ofexperimental flow cell
References
(1) Shevkoplyas, S. S.; Siegel, A. C.; Westervelt, R. M.; Prentiss, M. G.; Whitesides, G. M. Lab.
Chip 2007, 7, 1294.
(2) Lipfert, J.; Hao, X.; Dekker, N. H. Biophysical Journal 2009, 96, 5040–5049.
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Chapter 4
Force calibration of magnetic tweezers
with a molecular template
When studying single molecule biomechanics using an atomic force microscope, a single cantilever
is calibrated and used throughout the course of an experiment. The calibration is done by measring
the thermal fluctuations of the cantilever and the inverse optical lever sensitivity (nanometers per
volt output of the photodiode sensor) by displacing the cantilever tip with the piezo. Calibration is
performed only after the cantilever and the solution it is immersed in have thermally equilibrated
to their surroundings, to ensure proper measurement of the thermal excitations of the cantilever.
Magnetic tweezers, on the other hand, use many different force probes to measure many different
molecules. When we first began doing experiments it was unclear if it was necessary to calibrate
each bead, and what method should be used to calibrate the beads.
Fortunately the beads we use in these experiments, Invitrogen Dynabeads, are highly uniform
and have been extensively used in magnetic tweezers studies of DNA. These studies have found
the beads to have such low dispersion that in the low force range (sub 10 pN) there is at most
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a few percent difference in the force from bead to bead. So instead of performing a calibration
on each bead, one can simply rely on the average bead force produced for a given distance from
the permanent magnets. This force-distance relation is called the “magnet law” throughout the
literature and has been determined a number of times for the M-270 dynabeads we use in our
studies [1, 2]. However there is no guarantee that a magnet that works on one side of the world
will also work in our lab, especially since the magnets and probably the magnetic beads, come
from different production batches. Then the question becomes how to determine our own magnet
law, assuming the same general shape as those laws previously derived. Unfortunately all the prior
magnet law determinations were performed using long dsDNA tethers derived from λ−phage DNA,
amplified with digoxigenin and biotin labeled primers for attachment to the flow cell surface and
the beads, respectively. We do not have expertise handling DNA for single molecule manipulation
and were unable to make these same measurements. We then focused our efforts on using our
protein construct tethers to calibrate the magnetic tweezers force law.
4.1 Difficulties encountered during thermal calibration
Analysis of the thermal (spectral) fluctuations of polymers in magnetic tweezers already has several
complications when compared with AFM or optical tweezers. Using ultra-short protein tethers (<
40 nm when folded) only exacerbates these problems. The most common way to calibrate the
tweezers using thermal fluctuations is to measure the lateral (in-plane) oscillations of the bead
at different magnet positions. This was first done by Strick et al., who assumed the magnetic
tweezers to behave as a simple inverted pendulum where the transverse fluctuations can be used









Typically the variance of the fluctuations is not measured directly, but is rather estimated from
the spectral distribution of the Fourier transform of the position signal. The bead-tether system
is represented Hookean spring coupled to a highly damped viscous element, represented by the
equations of motion mẍ+ζẋ+ksx = Ftherm where ks is the effective spring constant of the magnetic
trap and Ftherm is the Langevin force due collisions of water molecules on the magnetic bead. It is
well known that the power spectrum for an overdamped harmonic oscillator is a Lorentzian,
S(f) =
kBT
π2ζ(f2 + f2c )
+ S0 (4.2)
where S0 is a white noise floor inherent to the sensor and fc = ks/(2πζ) is the corner frequency of
the system [4]. The variance of the fluctuations is directly related to the shape of the Lorentzian










However we typically compute the “one-sided” power spectrum on the interval [0,∞] instead of
the two-sided version, so the power spectrum is then S(f) = 2|X(f)|2. The Lorenztian can be
integrated analytically so that the mean square fluctuations can be directly determined from the
fit parameters of the Lorentzian, or numerically by integrating the area under the power spectrum
curve. In theory it should be easy so extract the force from the trajectories of the bead, but there
are several practical problems one faces in doing so. We will consider each of the issues separately
and then offer an alternative method for calibration in the remainder of the chapter.
Fluctuation axis
The axis along which to measure fluctuations is widely debated. Some measure the “short” axis
fluctuations, is in the equation above, which we will denote by the x-direction. This is the direction
of the magnetic field, which flows from the tip of the south pole to the tip of the north pole of
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the permanent magnets. The other transverse axis, parallel to the magnet gap, is defined as the
y-direction. The motions of the bead along the y-axis very clearly have larger variance than along
the x-direction, which is even visible by eye through the microscope. The dynabeads are made by
aggregation of colloidal iron oxide nanoparticles and coating with a polymeric material, which leads
to slight asymmetries in the distribution of the magnetic particles. This creates an anisotropy in the
magnetization ~mB of the beads which rotates to align with the magnetic field (this same anisotropy
allows magnetic torque tweezers to coil and uncoil dsDNA). The orientation of the bead is pinned
along the magnetic field (x-) direction such that it cannot rotate without experiencing a restoring
force. This ensures that the pendulum length Leq is approximately equal to the tether length.
Along the other axis, there is no such restriction and the bead is free to rotate, with the end of the
tether acting as the pivot. This is often referred to as the “long axis” because the rotation causes
greater variance in the bead position, while movements along the x-direction are referred to as the
“short axis” for their smaller amplitude. The thermal rotational and translational are coupled and
the power spectrum of the motion cannot be represented by a simple Lorenztian [6]. This would
make the short axis appear to be a better candidate for the measurement of fluctuations, but some
groups were unable to measure a change in the fluctuation variance with increasing force when
using ultrashort protein tethers [7]. Thus it is unclear what the best approach is when calibrating
magnetic tweezers when using short protein tethers given the complexity of the motion.
Tether length & surface effects
The short tethers introduce further problems. As the tether length gets shorter, the variance of the
fluctuations 〈δx2〉 gets smaller as well. The fluctuations are on the order of the size of the tether
or smaller (40 nm) which is around the size of a single pixel. Thus subpixel fluctuations must be
tracked in order to measure the variance. Furthermore, this has the effect of raising the corner
frequency of the Lorentzian power spectrum, and at high forces, it might cross over the Nyquist
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frequency, making accurate measurement of the power spectrum impossible. It is also clear from
the equipartition theorem equation that the average molecular 〈Leq〉 extension must be known in
order to accurately calibrate the force. When DNA is used, there are thousands of basepairs in
the construct so that any variation in the handles used to tether the DNA to the bead or glass is
negligible. For protein tethers it is more difficult to measure the absolute length of the tether and
there is often a bead-to-bead difference of about 50 nm in the initial extension of the proteins when
they are stretched at high force. This is most likely due to attachment of the HaloTag ligand to
short chains of siloxane created by polymerization of the APTMS. This uncertainty in the length
will introduce large errors into the calibration via the equipartition theorem. Furthermore the short
tether length causes coupling between the bead and surface, effectively damping the bead motion
along the x-, y-, and z- directions. Corrections to the drag coefficient of the bead (i.e. increased
viscosity, decreased diffusion) must be taken into account. These correction factors change almost
exponentially near the surface, so any uncertainty in the absolute length of the tether will again
cause large errors in the drag coefficient [8, 9]. The correction factors for the drag coefficients can
be calculated analytically, and approximated by Taylor series expansions. For the lateral bead












This is for a bead of diameter a with its center a distance of h from the pulling surface. Along the
axial (pulling) direction, perpendicular to the anchoring surface, Brenner’s infinite sum formula

















Even small uncertainties in the absolute tether length or bead radius cause very large changes
in the effective viscosity or drag coefficient. This is one of the main reasons why it is better to
96
calculate a magnet law for the beads in aggregate when performing protein magnetic tweezers.
Spectral artifacts
The camera sensor used for acquiring the images of the beads have some drawbacks compared to
the photodiode sensors used in optical tweezers and AFM. Typical DAQ cards run their analog to
digitals converters (ADC) at very high base clock rates so that the voltages from the photodiodes are
read out much faster than the dynamics that are being measured. Camera sensors have acquisition
rates of only tens to a few thousand Hz which is enough for observing most protein motions, but
might hamper our measurement of the thermal fluctuations. The problem is created by the finite
shutter time. Modern electronic cameras have a global shutter so that all the pixels are read off
the sensor at the same time, but they collect photons for the entire duration of the exposure time.
Typically the exposure time is equal to the shutter time minus some short (approx. 50 µs) period
required for pixel readout. This has the effect of averaging the bead motions over the entire shutter
time, creating a “blurred” bead position [10]. This is equivalent to convolution in the frequency
domain with a box function. A second problem caused by the finite bandwidth of the camera is
aliasing. Because the camera can at most sample at 1.5 kHz and there are Brownian fluctuations at
frequencies much higher than that, the higher frequency signals get folded or averaged into the lower
frequency signals. This biases the estimation of the power spectrum but can easily be accounted













The blur corrections are more complicated but have been treated many times in the literature,
both for the time and frequency domains [2, 6, 10, 12].
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4.2 Protein L as a molecular ruler
Given all these difficulties, we considered if there might be a better way to calibrate the magnetic
tweezers force law. Here we present a method for calibration of magnetic tweezers that uses a
polyprotein construct as a molecular template. Having characterized the polymer properties of
the polyprotein construct using the AFM, we are able to directly relate any observed unfolding
or folding step sizes to a pulling force. By scanning the magnet across a wide range of distances
from the flow cell, we are able to reconstruct the applied forces and find that there is very good
agreement with the single exponential laws fit using other techniques. Because the unfolding step
size saturates above 20 pN, we also use the BS transition of DNA to provide a single high force
point for fitting the calibration curve. The following text is adapted from Popa et al., A HaloTag
Anchored Ruler for Week-Long Studies of Protein Dynamics, J. Am. Chem. Soc. 2016, on which
I am an author.
Magnet law derivation
When exposed to a constant force, protein L domains undergo unfolding transitions as step-size
increases in the measured end-to-end length. Protein L unfolds within several seconds in steps
of 15.3 nm at magnet position 1.3 mm and within two minutes in steps of 12.3 nm at magnet
position 2.5 mm. At magnet position 3.3 mm protein L reaches a steady state where unfolding
and refolding steps of 8.7 nm are observed over an extended period of time. The force scaling of
the unfolding step sizes is also apparent in the length of the fully unfolded protein (eight domains
in all cases). Folding steps also scale with the pulling force and, for a given force, have the same
size as the unfolding steps. The figure below demonstrates the sensitivity of the step size as the
magnet position is changed. Already the first studies on the unfolding of titin molecules under force
showed that the stepwise increases in contour length of an unfolding protein are well described by
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Figure 4.1: Determination of the Magnet Law. A) Unfolding traces of our eight-domain Protein L construct (top)
measured at three different magnet positions (bottom). Both, the unfolding rate and the step sizes scale with the
applied force. B) Average step size of unfolding and folding as a function of magnet position (red dots; error bars
are standard deviation). The solid line is a fit of equation 4 to the data. The shaded area shows the 95% confidence
contour. C) Magnet law derived from B (solid line; equation 5). The red dots correspond to the force calculated
from the WLC model for the step sizes measured at different magnet positions (B). The diamond marks the force
and magnet position for the B-S transition.
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simple polymer physics models. Both, the Worm Like Chain (WLC) and Freely Jointed Chain
(FJC) models produce equivalent results and they are used interchangeably through the force
spectroscopy literature. Similarly, the data shown in Figure 2B can be accurately fit by the WLC
model using the protein L parameters of persistence length p = 0.58 nm and contour length of


















For the shape of the magnet law we assume a single exponential dependence of the force on the
magnet position:
F (d) = Fmax e
−λd (4.8)
Setting these two equations equal and solving for the magnet position, d gives






















The only free fitting parameters are λ and Fmax, while the step size x and the magnet position d
are measured. Fitting the data of Figure 2 using this equation gives Fmax = 177 ± 17 pN and λ =
1.07 ± 0.05 mm-1.
Measuring the B-S transition of DNA
In order to refine the accuracy of this magnet law we take advantage of a well-known force standard,
the B-S overstretching transition of DNA molecules. This transition takes place at a well-defined
force of 65 pN, independently of the loading rate [6]. We can force the magnet law to intersect the
BS transition force, FBS , by rewriting as
F (d) = FBS e
−λ(dBS−d) (4.10)
where FBS is the force at which the B-S transition is observed in DNA (65 pN), and dBS the magnet
position where the B-S transition is observed in our magnetic tweezers instrument. We measure
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dBS with the experimental approach shown in Figure 3. We engineered a polyprotein containing
a HaloTag followed by eight domains of protein L and a terminal cysteine anchored to a 605 bp
DNA linker.
Figure 4.2: For the DNA-protein constructs, a DNA segment from λ-phage DNA (Thermo Scientific) was ligated
with amine and biotin primers (IDT) using a standard PCR mix (New England Biolabs), which resulted in a 605 bp
DNA linker. The amine end of DNA was reacted with sulfo-SMCC (Thermo Scientific) for 1 h in a solution of Borax
buffer pH 8.5. The sulfo-SMCC excess was removed by cleaning the DNA using a PCR clean-up kit (NucleoSpin)
and eluting with water. The reaction with the cysteine-terminated protein was done overnight in HEPES buffer, pH
7.2. The cross-linking reaction was confirmed using SDS polyacrylamide gels, stained with ethidium bromide.
When we apply force to this construct (MP= 1.4 mm; Figure 3A), we observe eight ∼14 nm
unfolding steps. As the magnet position is decreased linearly (increasing force), we then observe
the overstretching transition as a sharp extension of 127 ± 28 nm (Figures 3A 3B), at a magnet
position of dBS = 0.99 ± 0.05 mm (n = 34; Figure 3D). A similar construct composed of eight
repeats of the more mechanically stable I27 protein first shows the overstretching transition at the
same 0.99 mm magnet position, followed by eight ∼25 nm steps, characteristic of the unfolding of
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I27 (Figure 3C). We now combine the new magnet law equation with the WLC model to give























This equation now gives us a closed-form for d(x), with λ as the only fitting parameter. We fit
equation 4 to the data of Figure 2B using the Levenberg-Marquardt least orthogonal distance
method with a confidence level of 95% (solid line; Figure 2B). From the fit we obtain λ = 0.90 ±
0.03 mm-1, for FB−S = 65 pN. The fit was weighted with the standard deviation of the measured
extension steps (Figure 2B) and a standard deviation for the magnet position of 0.05 mm, as
measured from the DNA-protein experiments (Figure 3D). The shading in Figure 2B marks the
upper and lower confidence contours of the fit. This leaves the final magnet law as
F (d) = 65 e0.90(0.99−d) (4.12)
We verify the goodness of this magnet law in Figure 2C. We plot the predicted force for each step
size calculated using the WLC, as a function of the MP where the steps were measured (red dots;
Figure 2C). We also mark in the figure the position of the overstretching B-S transition in DNA
(open square; Figure 2C). The data shown in the figure is compared with the magnet law given by
equation 5 (solid line with shading at 95% confidence; Figure 2C).
In addition to protein L, we have also measured unfolding and folding step sizes for ubiquitin
and I27 polyproteins. The increase in contour length upon unfolding LC is protein specific: LC 18.6
nm for protein L, LC 24.5 nm for ubiquitin, and LC 28.4 nm for I27. The magnet law correctly
predicts the force dependency for each of these proteins, if the extension is normalized by the
contour length, collapsing all the step sizes onto a single master curve.
Testing stability and reproducibility of the magnet law
The magnet law defined here is valid as long as the instrument remains stable during the mea-
surements, implying that the relationship between magnet position and force is time independent.
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Figure 4.3: Using the B-S overstretching transition to determine force A) A protein-DNA construct composed of
HaloTag-(protein L)8-cys protein cross-linked to a 605 bp DNA segment is tethered between a glass slide and a
paramagnetic bead. The protein-DNA construct is first exposed to a constant force (MP= 1.4 mm), where protein
L unfolds in steps of ∼14 nm (blue), followed by a ramp-increase in force (from MP=1.4 to MP=0.9 mm). B) The
B-S transition is observed at MP=∼0.99 marking the 65 pN point. C) Similar experiment using the more stable
titin I27 protein (HaloTag-I278-cys). In this case the I27 domains unfold at forces higher than the B-S transition.
D) Histogram of magnet position values where the B-S transition is measured in both, I27 and protein L constructs.
The line is a Gaussian fit with MP = 0.99 ± 0.05 mm (n=34 different beads).
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Figure 4.4: Length scaling of several proteins under force. A) The average step size of unfolding and folding transitions
as a function of magnet position/force for four proteins: I27 from human titin, ubiquitin, and protein L. The solid
lines represent the WLC law assuming a single exponential variation of force with magnet position and a contour
length of 28.4 nm for I27,4 and of 24.5 nm for Ubiquitin.5 The step sizes at low force were obtained from folding
transitions, while the high force points were obtained from unfolding transitions. Protein L shows folding transitions
over the entire force range with smaller standard deviation (1.1 nm) than I27 (3.9 nm) and ubiquitin (1.8 nm),
making it an ideal nano-scale ruler for calibrating the magnetic force. B) The normalized folding transitions to their
contour length collapse on a single master curve.
Due to the exponential dependency of force with magnet position, we expect that errors will be-
come more significant at high forces. As a proxy for errors in the high force regime, we measure
the unfolding rates of protein L over extended periods of time (Figure 4A,C). A single protein L
construct was continuously exposed to unfolding-refolding cycles for >8 hours (Figure 4A). These
cycles consisted of unfolding the protein with 30-second pulses to 54 pN (d = 1.2 mm), after which
the protein was allowed to refold at around 4 pN (d = 4 mm). A moving average of 20 unfolding
traces was fit with a single exponential to measure the unfolding rate over the 8 h long experiment.
Figure 4C shows the measured unfolding rates (mean rate of 0.6 ± 0.06 s-1) over the full length
of the trace. Given that the unfolding rate is exponentially dependent on the force, its stability
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is a sensitive measure of the force variations at the high end of the force law. We calculate that
the observed rate variations, if they arise solely from instrumental error, correspond to changes in
force of ± 2 pN.
Another measure of the stability of our magnetic tweezers instrument is the distribution of
unfolding and refolding step sizes, which were used as the basis for determining the magnet law
(Figure 2B). Following the shape of the WLC model of polymer elasticity, the step sizes are rel-
atively invariant at the high end of the force law. However, at forces below 20 pN, the step sizes
change rapidly with force, hence providing a good measure of stability in this range. Figure 4B
shows several 25 min long unfolding pulses at 8 pN (MP=3.3 mm) showing numerous unfolding and
refolding steps as the protein equilibrates. From these data we measured the average step size in
each pulse (Figure 4D), showing that these measurements are remarkably stable. The mean value
of the step-sizes at 8 pN is 9 ± 0.04 nm (Figure 4D), which is very close to the value predicted
by the WLC model at this force (8.9 nm). The experiment shown in Figure 5 further extends the
observations shown in Figure 4, to a single protein L construct experiment lasting 14 days. In this
case, a single protein L construct is probed (afternoons) by unfolding at 45 pN for 45 s (MP=1.4
mm; Figure 5A). For such long experiments, we minimized the chances of biotin-streptavidin de-
tachment from the paramagnetic bead by probing the molecules only once or twice each day in
order to minimize their exposure to 45 pN. In between force pulses, the molecule was held at 4 pN
(MP=4.0 mm) to allow for domain refolding. Importantly, rates of unfolding were comparable on
each day (Figure 5B). Moreover, the unfolding step sizes measured each day were within error of
the predicted 15.2 nm, calculated from the WLC model for MP=1.4 mm (Eq. 2), and betrayed no
directional drift (Figure 5C). We can thus conclude that our magnetic tweezers setup and magnet
law are suitable for reliable long-term force measurements.
For an extreme test of instrumental stability, the unfolding trajectories of single molecules were
followed over the course of several days. The molecule shown in Figure 5 was the longest lasting
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Figure 4.5: Stability of the voice-coil over hours-long recordings of HaloTag anchored proteins. A) Unfolding/folding
cycles of an anchored HaloTag-(protein L)8-AviTag protein obtained by alternating the force from 54 pN to 4.3 pN
(MP = 1.2 mm – 4 mm). The inset on the right magnifies a single unfolding trace from the 8h long recording (left;
red box). B) Similar recording as in A), but pulsing to a lower force of 8 pN (MP=3.3 mm). C) Unfolding rate
obtained from a moving box average of 20 consecutive traces taken from the trace in (A) gives a mean rate of 0.6 ±
0.06 s-1 at 54 pN. D) Average step size per pulse (B; 9.0 ± 0.4 nm).
before detachment (14 days), from an initial group of 17 molecules that were tracked simultaneously
and that lasted more than one day (7-1 day; 3-2 days; 1-3 days; 1-4 days; 1-5 days; 1-6 days; 1-9 days;
1-10 days; 1-14 days). While we cannot be certain, it is likely that the loss of anchoring occurred at
the non-covalent streptavidin-biotin interface with the paramagnetic bead rather than the HaloTag-
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chloroalkane interface with the glass surface, which is covalent. Replacing the biotin-streptavidin
interface with an orthogonal covalent Tag will solve this problem allowing, in principle, for protein
L constructs to be probed indefinitely. To resolve individually addressable HaloTag-protein L
molecules, we modified the magnetic tweezers microscope stage with an xy-positioning stage with
100 nm resolution, and developed HaloTag-Ligand-functionalized fluid chambers having a 50 µm2
grid array. Using this combination, we could reliable return to individual beads on successive days.
Undoubtedly, it is important here to be able to position the magnets in a reproducible manner
Figure 4.6: Two-week long recording of a single HaloTag anchored protein L construct. A) Daily unfolding pulses to
45 pN (MP=1.4 mm) track the unfolding kinetics of the same single HaloTag-(protein L)8-AviTag molecule over 14
days. The molecule was allowed to rest throughout the day in the folded state (2-4 pN; MP = 4.6-4 mm) with the
microscope lights turned off, and was tested daily in the evening (∼5PM; pulses). B) Superimposed traces from (A)
showing the full unfolding of the protein L construct at day1(red), day6 (blue), day9 (green), day11 (magenta) and
day14 (gold). The unfolding rate stayed very similar throughout. C) Average step sizes measured from the unfolding
staircases. The step sizes remained constant throughout the two-weeks.
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so that any variation results solely from the beads themselves. The voice-coil design with the
submicron encoder solves this problem by giving a reliable positioning of the magnets between
different experiments. Hence, we conclude that there is little variation in force amongst M-270
beads. Figure S5 compares our data and magnet law, with magnet laws obtained by others using
thermal fluctuations of micrometer long DNA tethers and the same paramagnetic beads (M-270
dynabeads, Invitrogen). It is clear that there is remarkably good agreement between these different
methods at forces below the 65 pN. While the change in force with magnet position has been shown
to follow a single exponential, several studies have proposed that a double exponential magnet law
might be needed at higher forces [1, 14].
Magnetic tweezers, combined with HaloTag anchoring techniques have opened up the possibility
to study protein dynamics with remarkable stability and accuracy under force clamp conditions.
The methods demonstrated in this paper provide a robust approach to estimating the force applied
to a protein in the low force regime below 60 pN and for very extended periods of time. These
techniques complement force-clamp AFM spectroscopy that excels in speed and resolution at higher
forces, but remains limited by mechanical drift in the low force regime. To our knowledge, the
mechanical study of a single protein over a period of 14 days is the longest yet reported. Such
long-term recordings allow us to begin to study protein mechanics on the human timescale, where
protein folding and misfolding occur over a lifetime, as, for example, with ocular cataracts or chronic
traumatic brain injury. This long-term recording was enabled by the HaloTag covalent chemistry
used for surface conjugation. Engineering of a second covalent anchor to replace the non-covalent
biotin-Streptavidin attachment to the magnetic bead would further improve the stability of the
tethers, and could offer the potential for month-long or year-long single molecule studies where
rare events such as those that take place in-vivo, become detectable.
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Chapter 5
Energy landscapes for tandem
modular proteins
Many of the protein filaments that link together tissues and interact with the actomyosin network
in cells are composed from strings of tandem, repeated protein domains with high sequence and
structural homology. This is true for titin, dystrophin, nebulin, and α-actinin in muscle, talin,
vinculin, and cadherin in focal adhesions, spectrin in erythrocytes and neurons, and for many other
cytoskeletal proteins. It seems obvious that the tandem modular arrangement is so that the proteins
can withstand large strains by reversibly unfolding many domains, and then return to their original
shape when the perturbation on the tissue is removed. This is only just beginning to be accepted as
a normal part of tissue function. In order to understand the bulk mechanics of tissues made from
tandem modular proteins, we must be able to model the individual proteins themselves. Although
many attempts have been made for modeling single protein domains unfolding and refolding under
force, none of these models incorporate the change in extension due to stretching of a polymer chain
upon unfolding or conversely, collapse of a polymer chain upon folding. Depending on the force, this
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process may require tens to hundreds of kBT of energy, representing a significant portion or even
dwarfing other energetic potentials and barriers in the free energy landscape. Models of entropic
elasticity, such as the worm-like chain and the freely-jointed chain, can properly predict the energy
consumed or released when stretching a polypeptide between two different forces, but free energy
models of protein folding have strangely avoided incorporating such phenomemon. Although there
are a limited number of optical tweezers experiments reporting the change in step size with applied
force, the interpretation of such studies is complicated if the data is not measured under force
clamp conditions.
With the advent of the current generation of magnetic tweezers, we are now able to probe
protein unfolding dynamics in the force range where the extension of the polypeptide backbone
changes most rapidly. Assuming that the unfolded polypeptide can be modeled as a worm-like chain
polymer with a persistence length of 0.5 nm, the backbone achieves 50% extension at 10 pN and
75 % extension at 37 pN. Folding events from typical protein domains are usually visible at forces
below 15 pN and unfolding events can be measured in magnetic tweezers over forces ranging from 4-
120 pN. Optical tweezers experiments focusing on conformational dynamics of DNA operate under
an entirely different regime of entropic elasticity. The persistence length of dsDNA is 50 nm[1],
so DNA achieves nearly complete extension at forces as low as 1 pN. Measuring protein dynamics
in this force range was not possible using other modes of force spectroscopy, such as AFM, where
the Brownian oscillations of the cantilever introduce an uncertainty in the applied force of tens of
piconewtons. Using an eight-repeat tandem modular protein L construct in the magnetic tweezers
as a model, we construct a free energy landscape that is able to capture the full folding dynamics
of the protein, from unfolding and refolding rates to force dependent step sizes. The free energy
landscapes are constructed from a few intuitive components[2] that are scaled piece by piece into
a full potential of mean force (PMF) for the molecule. Each individual domain is represented by a
simple Morse (attractive) potential representing the hydrophobic forces driving protein collapse, a
111
Gaussian barrier representing the energetics of solvation-desolvation when transitioning from the
folded to unfolded states, and a polymer potential that describes the entropic forces that prevent
the backbone from fully extending. Each of these components is perturbed by a pulling force,
which creates an energy term U = −Fx where x is the pulling axis. The free energy landscape for
a single domain is first constructed, and then the following domains are concatenated, one by one,
to the free energy landsacape of the the preceeding domains.
The model allows for easy scaling to an arbitrary number of domains, with arbitrary contour
length and persistence length of the polypeptide backbone, which is known to vary with amino acid
composition. Running Langevin (Brownian) dynamics simulations on the constructed free energy
landscapes correctly predicts the unfolding rates, refolding rates, and equilibrium populations as
a function of force. We further use these free energy landscapes to predict what happens to the
folding dynamics when the persistence length or contour length of a protein are altered, which could
occur when the ionic strength of the buffer is changed or a disulfide bond is oxidized within the
protein. This model represents an important first step in understanding how energy is stored and
released from the tandem modular proteins that comprise the major elastic materials of tissues.
The following text is adapted from Valle-Orero et al., The elastic free energy of a tandem modular
protein under force Biophysical and Biochemical Research Communications, 2015, on which I am
second author.
5.1 Piecewise construction of the potential of mean force
A free energy model for tandem modular proteins is developed here by extrapolating the procedures
described in Berkovich et al.[3]. This model was defined for only one domain, but here we propose
a numerical method to concatenate the free energy landscape to any number of identical protein
domains N . The free energy of a polyprotein can be described by the summation of three distinct
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components: the entropic elasticity of the polymer chain under force, a short range potential
representing the hydrophobic interactions that drive folding, and an entropic barrier caused by
removal of available polypeptide configurations between the collapsed and folded states. Here the
worm-like chain (WLC) model is used to approximate the entropic elasticity of the polypeptide[2,
4]. The entropic elasticity is controlled by two parameters: the increase in contour length Lc and
persistence length p. The free energy of a single domain along its pulling coordinate is defined by
the summation of these three energy contributions:
U(x) = WWLC(x, Lc) + U
M (x+Rc) + U
G(x) (5.1)
The energy landscape is defined within the range [x0 ≤ x ≤ x1]. At short extensions, the free
energy is dominated by the Morse potential and the protein lies in its native state at the minimum
defined by x0. With application of enough force, mechanical unfolding drives the protein to an
extended conformation with an energy located at the entropic minimum x1 according to Eq. (1).
In order to generalize this result for tandem modular proteins, we consider the effect of unfolding a
second domain in the protein. At constant force F , unfolding one more domain increases the total
length of the polymer by Lc such that the total contour length of the polymer is then 2Lc. The
entropic minimum of this polymer chain is now located at x2. Thus, extending a polymer with n
unfolded domains is well described by Eq. (1) with a contour length of nLc and entropic minima
located at xn (pink curves; Figure 1B). Figure 1B is a graphical description of how to construct
the free energy landscape of a tandem polyprotein from the segments comprising the free energy
of each individual domain. Prior to unfolding, the second domain lies in the minimum of a Morse
potential located at x1 and must cross a transition state barrier at x1 + xb. After unfolding, the
second domain lies at its entropic minimum x2. Thus, we sum the three energetic components as
described in Eq. (1) over the range [x1, x2] for a polymer with contour length 2Lc. For a protein
with N folded domains, the free energy is divided into several segments, defined by the evaluation
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Figure 5.1: Figure 1. Method of the construction of the elastic free energy of a tandem modular protein. A)
Construction of the free energy for a single domain unfolding and extending. The free energy of unfolding and
extending a domain is constructed from three elements (dotted lines): a Morse well of U0 depth, a Gaussian barrier
of A0 height, and a WLC potential of contour length ∆LC (green line) from which only the section between x0 and
x1 is considered. The red curve represents the initial extension to x0 calculated from the WLC with a contour length
L0. B) Expansion of the free energy model to a polyprotein with N number of domains. The pink lines correspond to
WLC curves calculated for an octamer polyprotein at a force F = 20 pN, and for contour length n∆LC , where n is
the number of unfolded domains, ∆LC = 19 nm, and p = 0.4 nm. At each contour length the WLC has a minimum
that serves as the obligatory starting point for the next segment. Segments (thick blue lines) are constructed by
adding a Morse well and a Gaussian barrier to the entropic elasticity as described in the text and in Figure 1A
within the range xmin
n-1 to xmin
n (insert). The WLC for the linker is also shown in the plot (L0 = 42 nm and pf
=10 nm, extended at F = 20 pN). The final free energy profile is constructed by concatenating all segments at their
boundaries (thick black line).
of Eq. (1) on xn−1, xn for n = 1, 2, ...N (blue curves, Fig. 1B). A general expression for the free
energy of any segment n is provided here
Un(x) = U
WLC(x, nLc) + U
M (x− xn−1 +Rc) + UG(x− xn−1) (5.2)
for xn−1 ≤ x ≤ xn. Furthermore, we assume that the free energy must be continuous at the
boundaries of each segment, so that the entropic minimum of the extended domain coincides with
the minimum Morse energy of the subsequent folded domain. This is numerically achieved by
concatenating all the segments to satisfy the following boundary condition (black curve; Figure
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1B).
Un−1(xn−1 = Un(xn−1) for 1 ≤ n ≤ N (5.3)
As shown in Figure 1B, a polypeptide with N structured domains (black curve) has a different
energy compared to an unstructured polypeptide with an equivalent contour length (pink curve,
n = N) [5]. Finally, we append to the free energy a stiff segment representing N tandem folded
domains plus any inorganic polymers or linkers used for attachment chemistry to the probe (red
curve, Figure 1A and B). The free energy for this segment is calculated using only the WLC
(Eq. (S1)) with a high persistence length on the range [0, x0]. The resulting continuous free energy
landscape for a tandem modular protein with N = 8 domains is shown in Figure 2. The free energy
was calculated at several forces: 4, 7, 12, 15 and 18 pN. As the force applied to the polypeptide
increases, the location of the entropic minima xn increases according to the WLC model (Figure
2A, dashed lines). The trajectories of the minima as a function of force will be referred to here as
E-curves. For a protein with N = 8 domains, there are N + 1 E-curves representing the entropic
minima of the linker plus 1 to 8 unfolded domains. In constant-force spectroscopy experiments, the
force probe moves so quickly that the polypeptide is trapped at its local minimum free energy as
the probe diffuses to a new position. Hence, we expect that upon a sudden change in the applied
force, the molecule will move to a new free energy curve by tracking the E-curve. It has been
proposed before how to include the effect of entropic elasticity in the free energy of a single protein
domain, but we show here how it is implemented for a tandem polyprotein and its consequences
in the free energy landscape. Furthermore, the model demonstrates that the free energy landscape
of tandem polyproteins is highly dependent on the polymer properties. We provide a numerical
method for how to expand the model from the energy of one domain to the total free energy of
N number of domains. There are several salient features of the free energy constructed using the
methods described above. Due to the entropic elasticity, the model predicts that the distances
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Figure 5.2: Representation of the E-curves describing the trajectory of the minimum of each domain as a function of
force. The free energy for eight tandem repeats displays nine local minima, corresponding to 0 - 8 unfolded domains.
The global minimum of the free energy shifts from 0 domains unfolded to 8 domains unfolded as the force is increased
from 4 to 18 pN. E -curves are represented by dashed lines that track the free energy minima through different forces.
between the local minima are equidistant at a given force and scale with the force according to the
WLC (equation (1)). Furthermore, the change in free energy upon unfolding is different for any
domain n within the energy landscape, because it depends on the local curvature of the entropic
elasticity (Figure 1B). For instance at 30 pN the change in free energy betweenx0 and x1 is greater
than between x7 and x8. The position of the global minimum free energy determines the most
likely end-to-end length of the polyprotein at any given force. The position is highly dependent on
the parameters of the entropic elasticity and the attractive Morse potential. Moreover, the rates
depend mainly on the local slope of the free energy, transition state barrier, and diffusion coefficient
D. Hence, we can predict the kinetics and steady state behavior of a polyprotein under force using
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Brownian dynamics, which we will demonstrate here.
5.2 Brownian dynamics simulation
Brownian dynamics are suitable for generating extension vs. time trajectories of a polypeptide
with conditions designed to mimic those present in single molecule constant force experiments.
The diffusion of the system along its elastic free energy can be simulated with Brownian dynamics
using the over-damped Langevin equation [6]







where D is the diffusion coefficient of the probe (paramagnetic bead in the case of magnetic tweezers
and Γ(t) is the langevin force arising from thermal excitement of the probe from collisions with the
surrounding solvent, described here by 〈Γ(t)〉 = 0 and 〈Γ(t)Γ(t′)〉 = δ(t − t′). U(x) is the elastic
free energy of the entire polymer at a constant force as described by Eqs. (2)-(3). Given that
the free energy does not have an analytical form, we evaluate Eqs. (2)-(3) for a polypeptide of
N=8 domains over a range of forces from 2 to 40 pN prior to the simulations. This provides us
with look-up tables to numerically evaluate Eq. (4). We employ various force protocols to explore
the free energy of the polyprotein using Brownian dynamics. Figure 3A shows two examples of
how a tandem modular protein of eight domains responds to a change in force by diffusing along
its free energy landscape (cycle 1 and 2). In adjacent Figure 3B, traces obtained from Brownian
dynamics simulations show how the end-to-end length of the polyprotein changes in response to
the force-pulse protocol (cycle 1 and 2) defined in Figure 3A. In both cases the protein is first
unfolded at a high force of 30 pN, displaying 12.9 nm step-increases in the measured end-to-end
length, as it travels on its energy landscape toward the global minimum a → b. In the first case
(cycle 1), the force is quenched to 7 pN. At this force, the protein undergoes a fast entropic collapse
of approximately 54 nm as it travels along curve E8 from 30 pN to 7 pN b→ c. This fast entropic
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Figure 5.3: Force-protocols to explore the free energy landscape of a tandem protein using Brownian dynamics. A)
Free energies and E -curves depicting the trajectory of a single unfolding-refolding-unfolding Brownian Dynamics
simulation. Movement along a single free energy may result in folding or unfolding while diffusion along an E-curve
changes the end-to-end length of the protein without folding events. B) Traces obtained from Brownian dynamics
simulations for two different cycles (cycle 1 and 2). The first cycle considers the total unfolding at 30 pN from a to
b, followed by a quench of 7 pN causing diffusion along the E8 curve to c, and a final refolding of five domains from
c to d. For the second cycle, the refolding force is reduced to 18 pN instead of 7 pN, causing the shortening of the
polyprotein from b to c’ without refolding any domains.
collapse is followed by a series of five downward steps 6.5 nm in the protein end-to-end length.
These steps are due to individual refolding events, which occur as the protein diffuses along its 7
pN energy landscape from the entropic minimum x8 to x3, on its way towards the global minimum
free energy c→ d. In the subsequent high force pulse (30 pN) the polymer chain stretches and five
domains unfold again d → e → b. In an alternative force protocol (cycle 2), the force is quenched
to 18 pN. In this case the unfolded protein only experiences entropic collapse due to the change in
force, and no domains refold b→ c′ → b.
The results of the Brownian dynamics simulations over a broad range of forces reveal several
important features of mechanical protein unfolding. At any given force, unfolding or refolding of a
protein domain results in stepwise changes in the end-to-end length due to the equidistant spacing
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of the local free energy minima. Thus, we are able to reproduce the scaling of the step size with the
WLC that is seen experimentally[7]. Additionally, to study the force dependency of the unfolding
rates, we generated 20-30 unfolding traces using Brownian dynamics at forces from 20 to 100 pN.
The traces were summed, normalized, and fit with a single exponential. The error for each measured
rate was estimated using bootstrapping methods[8]. The force dependency of the unfolding rates





, that is observed experimentally. Our
fit parameters for the Arrhenius equation were found to be k0 = 3.3× 10−3 s−1, ∆x‡ = 0.25nm.
It is notable that we recover the same distance to the transition state that was set during the
construction of our free energy xb = 0.25 nm.
The model can be used as a powerful predictive tool of the effect of certain biological processes
on proteins folding under force. For example, it has been shown that introducing a disulfide bond
into a protein domain accelerates the rate of folding several times and increases the stability of the
folded state. In this case, the disulfide bond does not affect the mechanical clamp, but only serves to
shorten the contour length Lc. Our model predicts that reducing Lc shifts the global minimum free
energy towards the folded state, in agreement with these experimental findings (Figure 4A). At low
forces, our model also predicts that the presence of a disulfide bond would make the protein more
difficult to unfold. Alternatively, it has been demonstrated that the persistence length of a protein
can be modified through post-translational modifications such as phosphorylation or by changing
the ionic strength of the buffer. According to our model, changing p is expected to alter the kinetics
of folding/refolding. Figure 4B shows the effects of stiffening and softening the polyprotein chain
by increasing and decreasing p respectively. Increasing the persistence length from p = 0.2 nm to
p = 0.7 nm shifts the global minimum energy from the completely folded state to the completely
unfolded state.
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Figure 5.4: Altering the parameters of the entropic elasticity affects protein folding. A) Decreasing the contour length
of our polyprotein from ∆LC = 38 nm to ∆LC = = 9.5 nm, shifts the global minimum free energy from favoring the
completely unfolded state to the completely folded state at a constant force of F =12 pN. Hence, the rate of folding
is considerably increased by the decreasing ∆LC =. B) A similar effect is captured by altering the persistence length
at a constant force of F = 12 pN. Increasing the stiffness of the polymer from p = 0.2 nm to p = 0.7 nm also shifts
the minimum free energy from fully folded to fully unfolded.
5.3 Comparison with existing models
Previous results by Berkovich et al. emphasized the role of entropic elasticity in the free energy
landscape of a single folded domain under force. In this manuscript, we provide a formalism to
expand his methods to constructing the free energy landscape of a polyprotein of any number
of domains N . We achieve this by constructing a piece-wise free energy landscape, with each
segment consisting of energy contributions from entropic elasticity, an attractive potential, and an
entropic barrier. The resulting free energy landscape is tightly linked to the polymer properties of
the polypeptide, which are modeled by the WLC. As a consequence, our model incorporates the
dominant effects of entropic work in extending a polypeptide and predicts the force dependency of
the step size during unfolding or refolding. This effect is not included in other free energy models
to date. The Bell Model[9], which is often cited in the construction of free energy landscapes,
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considers that an applied force lowers transition state barriers by an amount proportional to Fx
without considering the entropic restoring force produced by the polymer. This results in a linear
tilting of the free energy landscape. We show here that at low forces, the WLC has a highly
nonlinear effect on the free energy landscape, resulting in a curvature that determines the rates of
folding/unfolding and the position of the global minimum free energy at a given force.
Brownian dynamics on the proposed free energy landscape shows advancements over previous
theoretical framework using Monte Carlo simulations. Because Brownian dynamics evaluates the
derivative of the potential surface, it is sensitive not only to transition state barriers but also to
the shape and slope of the underlying free energy (Eq. (4)). As seen in Figure 4, although the
barriers to folding are not modified, decreasing the contour length or persistence length raises the
slope of the free energy, resulting in the increased of the rate of folding. Thus, our model predicts
the kinetics of the polyprotein upon changes in its polymer properties without prior knowledge of
the rates, which is required in Monte Carlo simulations. Constructing an accurate representation
of the free energy of modular proteins along the pulling coordinate in a physiological range of
forces 1-10 pN is a crucially important effort in biology. The discovery that massively large tandem
polyproteins are responsible for the elasticity of muscle and other tissues has shifted our view
on the molecular origins of tissue elasticity and its regulation. It is currently difficult to study
the mechanical characteristics of polyproteins with hundreds of structured domains using single
molecule force spectroscopy, but our model has the ability to determine the elastic properties of a
polyprotein with any number of domains. The next goal in developing this model is to be able to
establish the effects of point mutations, other post-translational modifications, and domains with
heterogeneous stability on the free energy landscape. We will ultimately use our findings to develop
the first full-scale model of muscle tissue elasticity to be able to predict the severity of diseases in
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Titin folding performs mechanical
work
Ever since the discovery of titin by Maruyama in 1977, many functions have been proposed for
the various segments of titin: the z-domains connect the alpha-actinin and other proteins in the
Z-disc, the A-band domains bind to a center the thick filament in the sarcomere, the M-domains
contain force-sensing elements that bind to proteins of the M-line. The structured and unstruc-
tured domains of the I-band segment of titin have always been presumed to play a role in muscle
elasticity, limiting the stretch of the sarcomere by providing an entropic restoring force through
the unstructured PEVK and N2B segments. After the first single molecule experiments using
AFM and magnetic tweezers demonstrated that titin unfolding could occur at piconewton level
forces, several groups suggested that reversible unfolding of titin might play a role during four-fold
reversible extensions of the I-band region of the sarcomere [1–5]. There is increasing evidence
that titin unfolding-refolding reactions play an important role in muscle mechanics, especially after
demonstration that S-glutathionylation of stretched myofibrils alters muscle elasticity by blocking
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titin folding. However, there is a major dissonance in the muscle community about the role of titin
during active versus passive mechanics. There is a pervasive idea that when relaxed, the majority
of the mechanical properties of muscle arise from titin mechanics, but when activated, muscle me-
chanics are domainated by actomyosin crossbridges. Few have pointed out that the reality of the
situation is much more complicated – that upon muscle contraction the force redistributes from
titin fibers to being shared between titin and actomyosin crossbridges.
Long chains of tandem repeat proteins, such as those found in the titin I-band, are a truly
unique material with unmatched viscoelastic properties. Due to the bistability of the folding-
unfolding reaction, titin can elongate slowly at a constant force above a threshold value, like many
other viscoelastic materials. However there is a second, lower threshold stress value below which
titin can also shorten under a constant force. This is a folding-driven shortening reaction that
likely gives rise to the viscoelastic shortening seen in muscle fibers. Certain force-protocols such
as the “slack-test” designed by Linke and colleagues, demonstrate that upon a step shortening of
a myofibril, there is a redevelopment of tension, even under passive conditions (low calcium, high
ATP) that ensures no crossbridge formation [6]. If these mechanisms are present in inactivated
muscle, they are also likely to play a role during active contraction. Here we use single molecule
magnetic tweezers to measure the energetic contribution of single folding titin Ig domains from
the soft, extensible proximal I-band region as well as the rigid, in-extensible distal Ig region. We
find that single titin Ig folding events can produce as much or more mechanical work than single
myosin II powerstrokes. We propose a mechanism by which activation of muscle and formation of
crossbridges tips the bistable Ig folds below their lower critical force threshold, initiating folding,
and producing a force that assists with muscle shortening. When this mechanism is scaled to whole
myofibril or muscle levels, it can be shown that it produces significant amounts of work that could
boost the overall efficiency of a muscle contraction. The following text is adapted from Rivas Pardo
et al. Work done by titin protein folding assists muscle contraction, Cell Reports 2016, on which I
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am a co-first author.
6.1 Background
The sliding filament hypothesis explains muscle contraction as resulting solely from the force gen-
erated by ATP driven myosin motors that form reversible cross-bridges with actin filaments and
generate force through a rotation of the myosin head: the power stroke. In these models, ATP
hydrolysis stores elastic energy in the compliance of the cross-bridges themselves, delivering >38
zJ of contractile energy with each shortening step [7]. However, recent work has shown that only
small amounts of elastic energy can be stored in the cross-bridges themselves [8]. Thus, where does
the returning elastic energy of a contracting muscle comes from? Remarkably, none of these studies
considers the largest human protein found thus far: titin. Titin, the giant tandem modular protein
anchored to myosin and the Z-disc in muscle sarcomeres is responsible for the passive elasticity of
striated muscle tissue [9]. Although titin has now been recognized as the third filament of muscle,
its role is largely viewed as that of a passive spring that provides elastic recoil in relaxed sarcomeres,
without playing a role during active muscle contraction.
Force spectroscopy studies have uncovered the basic elements of how titin proteins respond to
a stretching force; domains unfold and refold in a time and force dependent manner, while any
unfolded polypeptide simply follows the laws of polymer elasticity. A significant discovery was
the finding that unfolded proteins could actively collapse and refold while under force, thereby
generating positive mechanical work [10, 11]. However, domain unfolding/refolding of titin has
been thought not to take place in intact muscle tissue, and only operates as a safety mechanism to
limit high forces in the sarcomere. Thus, the folding of titin domains has not been considered as
a plausible mechanism for delivering elastic energy in conjunction with the cycling myosin motors
during muscle contraction. Here, we directly measured the displacement of single titin molecules
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in intact myofibrils at physiological sarcomere lengths. We used fluorescence microscopy combined
with titin specific quantum dot labels to track the length of the proximal tandem Ig region of
titin in stretched myofibrils. Our results demonstrate that proximal Ig domains undergo stepwise
unfolding and refolding in situ, within the working range of the sarcomere. We further show that
folding of a single proximal Ig domain of titin can deliver up to 105 zJ of elastic energy at 7.9 pN
of force, which is more than the contractile energy supplied by the power stroke of a myosin motor.
We conclude that passive stretching of muscle tissue stores elastic energy by unfolding Ig domains,
and that refolding of these domains supplies an important, hitherto unrecognized, component of
the force delivered by a contracting muscle.
6.2 The proximal Ig region of titin undergoes in stepwise
changes in length
In order to measure the dynamics of single titin molecules in intact sarcomeres, we isolated single
myofibrils from rabbit psoas muscles and attached them between two microneedles in an inverted
light microscope. The sarcomere length of the myofibril was adjusted by changing the position of one
of these needles using a piezoelectric stage. Sarcomeres were identified by differential interference
contrast microscopy. Individual titin molecules were labeled in situ using antibody-conjugated
quantum dots (Qdots) targeted towards Ig-domain I39 in the proximal Ig region. At high labeling
density, two closely spaced fluorescent stripes could be seen symmetrically around each Z-disc,
verifying the specificity of the I39 antibodies. At low labeling density, individual Qdots could be
detected in the myofibrillar I-bands. Qdot pairs (hereafter referred to as doublets) were occasionally
seen under these low labeling density conditions, spaced equidistantly around a Z-disc and thus
likely marking two epitopes in adjoining sarcomeres. Along the myofibrillar axis, two such epitopes
are separated only by the Z-disc and proximal Ig-domains, without any major flexible linkers in
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between. Since the Z-disc behaves as a rigid object at low forces, we speculated that it would be
possible to directly detect folding/unfolding of Ig domains by measuring the separation distance
between the doublets. We tracked the Qdot separation distance along the axis of applied force
using a centroid-fitting algorithm.
When stretching the sarcomere to physiological extensions such as 3.1 µm [12, 13], we observed
that the Qdot doublets jumped along a discrete distribution of distances as shown by the accumu-
lated length histograms. Similar results were found for several Qdot doublets in separate myofibrils,
showing that the result is reproducible. A multipeak fixed-width Gaussian fit to the data revealed
two independent populations of separation distances centered at 13 ± 3 nm and 22 ± 3 nm. The
y-fluctuations measured for the same Qdot doublets did not show discrete populations in the ac-
cumulated histograms. Here, the fluctuations are larger in the x-direction than perpendicular to
it, suggesting force-driven transitions within the titin molecules along pulling coordinate. These
measurements therefore indicate that the end-to-end distance of the proximal Ig region of titin
undergoes discrete changes in length at a sarcomere length of 3.1 µm. These steps and the lack of a
flexible unstructured segment between the Z-disk and domain I39 suggest that Ig-domains from the
proximal Ig region undergo stepwise unfolding-refolding transitions. Earlier studies have inferred
the force on single titin molecules from measurements of the passive sarcomere length-tension re-
lationship for single myofibrils and from estimates of the number of parallel titin molecules per
myofibrillar cross-sectional area. Accordingly, from 2.1 to 3.1 µm sarcomere length, the force per
titin grows from <1 pN to 6-8 pN assuming 6 titin molecules per half thick filament [14]. Therefore,
the in situ measurements of ∼13 and ∼22 nm steps are predicted to arise from folding/unfolding
reactions of the proximal Ig domains at 6-8 pN.
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Figure 6.1: Single-molecule tracking in a stretched myofibril reveals discrete extension states. (A) Schematic of the
sarcomeric I-band. (B) Single rabbit psoas myofibril stretched between two glass microneedles and shown at two
sarcomere lengths (2.6 µm; upper panel and 3.1 µm; lower panel). (C) Fluorescence imaging of I39 specific Qdot
labels see (A); same view as in (B). (D) Merged view including (B) and (C). Pairs of Qdots are visible, spaced
symmetrically around a Z-disc. (E) Magnified view of the area highlighted in (C) showing an individual fit used to
track the Qdot positions. (F-G) Separation distance for individual Qdot pairs along the axis of applied force (F)
and in the perpendicular direction (G). Right panels: histograms of separation distances. Qdots were tracked at 10
fps. Scale bars, 2 µm (B,C,D) and 300 nm (E).
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6.3 Titin Ig domains unfold and refold in a stepwise manner at
physiological forces
In order to test these predictions we studied the behavior of isolated titin molecules using single
molecule force spectroscopy techniques. We combined magnetic tweezers force-spectroscopy [15]
together with HaloTag anchoring [16], allowing us to record the extension of Ig domains for several
hours at nanometer resolution in passive force-clamp mode. We selected two well-characterized
titin Ig domains from the proximal and distal regions of human titin, I10 and I91 [17], to measure
their dynamics and folding/unfolding steps over a wide force range. Both proteins were engineered
as polyproteins containing eight repeats of the Ig domain, flanked at the N-terminus by a HaloTag
and at the C-terminus by AviTag. The polyprotein constructs were covalently linked to a glass
coverslip functionalized with HaloTag ligand and to a magnetic bead coated with streptavidin. The
polyproteins were exposed to forces varying between 3 and 100 pN by manipulation of a pair of
permanent magnets positioned above the fluid cell.
Exposing these protein constructs to a high force caused the rapid unfolding of individual do-
mains, which manifested as stepwise increases in the measured length. In agreement with previous
reports, the I91 domain from the distal region was more mechanically stable than the proximal
Ig domain I10 [18], requiring higher pulling forces to unfold at a rate comparable to I10 (92.7 pN
vs 53.7 pN. More to the point, after allowing for complete refolding at 4.2 pN, pulling up to 6.0
pN showed these differences more starkly. In one particular recording at 6.0 pN, I10 underwent
202 stepwise unfolding/collapse events over a period of 23 minutes. By contrast, at the same force
only one unfolding event was recorded for I91 over a four hour-long recording. Notwithstanding
their differing mechanical stability, both proteins showed step sizes that varied steeply with the
pulling force. At the same force, unfolding and collapse step sizes were identical. Using similar
pulse protocols we collected a large number of unfolding/collapse steps for both proteins over the 3
130
Figure 6.2: Dynamics of Ig domains I10 and I91 at physiological forces. (A) Schematics of the magnetic tweezers
experiment showing a polyprotein tethered between a glass coverslip and a magnetic bead. Force is applied by
varying the separation between a pair of permanent magnets and the magnetic bead. (B) and (C) Dynamics of I10
and I91 (which also known as I27) polyproteins under force; first fully unfolded by a fingerprint pulse (1), followed
by a refolding pulse at low force (2), and then examined by a probe pulse (3). (Insets: positions of I10 and I91 in
the half sarcomere, and zoom-in of folding/unfolding events). Arrowheads mark Ig domain unfolding events. (D)
Measured step sizes for I10 (red symbols) and I91 (blue symbols) are well fit by equation S3 (solid black line). Data
includes both unfolding steps and refolding steps pooled together. The error bars represent S.D. The experiments
were recorded at ∼260 fps then smoothed.
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pN to 100 pN range. By combining our magnetic tweezer’s magnet-law (equation S1) together with
the Worm Like-Chain (WLC) model of polymer elasticity (equation S2) we derived an expression
(equation S3) that was readily fit to the measured step sizes vs magnet position (MP). A fit of
equation S3 to the data gave values of 27.8 nm for the contour length (LC) and 0.55 nm for the
persistence length (p).
6.4 Ig domains collapse to a highly compliant common state
After unfolding all eight Ig domains at a high force, quenching the force always resulted in a fast
recoil, as the extended polypeptide adjusted to the new pulling force. At forces below 10 pN, this
recoil was followed by a series of downward steps that we interpret as folding events. In contrast
to the large differences observed in the rates of unfolding, the rate of descent of the folding steps
was similar for both the I10 and I91 domains. If these steps are associated with the folding of the
Ig domains, one would expect the same number of unfolding events during a subsequent high-force
probe pulse. For the majority of recordings, in which 0-8 downward steps were observed during the
refolding pulse, there was a 1:1 relationship between the number of downward steps and the number
of unfolding events. However, in many cases there were fewer unfolding events than downward steps,
indicated by the points below the 1:1 curve. This observation indicates that a downward step does
not necessarily lead to a natively folded domain. Most likely, there is an intermediate state that
precedes the mechanically stable native fold. This intermediate state corresponds to the molten
globule state that was observed before for Ig domain folding under force. The molten globule state
shows low mechanical stability, readily converting back and forth from a collapsed state to the
shorter molten globule state [19]. The molten globule state is particularly apparent in the case of
I91, which extended and collapsed rapidly to the molten globule state, but required several hours
to show even one unfolding event from a vastly more mechanically stable native state. Although
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Figure 6.3: Titin Ig domains from the distal and proximal region refold in a stepwise manner. (A) Seven I10
domains are unfolded at high forces. Reducing the force to 6 pN results in the sequential folding of each of six
domains indicated by 11 nm steps downwards (red arrows). At this force, a single upwards step (green arrow)
indicates one of the folded domains again unfolding. A subsequent high force probe pulse shows that five domains
have acquired their native fold. (B) I91 domains exhibit equivalent folding dynamics at 5 pN: three domains fold
first, followed by unfolding and refolding of a single domain, and then folding of the remaining five domains. The
subsequent high force probe pulse shows that all 8 domains have acquired their native fold. (C) Downwards steps
at low force are highly correlated with unfolding steps in the subsequent probe pulse, indicating that the native fold
is acquired after the Ig domain collapses. (D) I91 domains proceed through a molten globule intermediate before
acquiring their native folded structure . Contrasted with the slow unfolding dynamics of I91 in the folded state
(Figure 2C), the I91 molten globule has low stability and is highly extensible. The I91 molten globule is easily
unfolded (green arrows) at 5 pN and therefore contributes to the elasticity of titin.
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we expected I91 to rarely unfold and extend in vivo, we found that it repeatedly interconverted
between the extended and molten globule states at low forces (<10 pN) as long as it did not acquire
the native state.
6.5 Intact myofibril and single molecule measurements match at
6 pN
Our in situ measurements showed that at 6-8 pN of force, the proximal Ig region of titin underwent
step changes in length of 13 ± 3 nm and 22 ± 3 nm. Our single molecule studies with isolated I10
and I91 domains showed that 13 ± 3 nm steps occurred in the 5-12 pN range in good agreement
with our in situ measurements. However, we also observed much larger steps (22 ± 3 nm) in the
single myofibril QDot experiments, which could not be explained by the step sizes observed in the
single molecule experiments with I10 and I91. We reasoned that perhaps this mechanical behavior
was unique to the native sequence of titin. To test this hypothesis, we cloned the segment of titin
spanning Ig domains I4 through I11, which is contained within the proximal Ig region and was
therefore tracked with our QDot experiments. Given the heterogeneous mechanical stability of the
Ig domains present in this native segment, we used a force-ramp protocol to unfold the individual
Ig domains. After unfolding the I4-I11, the force was quenched for about 100 s to allow the domains
to refold. The force was then increased to 6 pN and held constant for several minutes. At 6 pN
we readily observed mixed folding and unfolding steps that were similar in size to those observed
in situ. Higher forces rapidly shifted the balance toward unfolding, making the observation of
folding steps difficult. At 6.0 pN, I4-I11 showed numerous unfolding/refolding steps on a time scale
of seconds. Hundreds of such stepwise transitions were recorded from several molecules (n = 5
molecules). Remarkably, the single molecule force spectroscopy data showed two principal peaks
centered at 10 ± 4 and 22 ± 5 nm, which are very similar to those measured in situ. Although the
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22 nm steps observed in the single myofibril data were originally thought to be due to the unfolding
of two individual domains during the integration time of the CCD camera, the force spectroscopy
data suggested that these are distinct transitions. Alternatively, it is unlikely that these steps are
due to a calibration error because several quantum dot tracking experiments and several magnetic
tweezers experiments showed a mixture of both step sizes during the same recording. The high
occurrence of these step sizes in I4-I11 is not surprising given that this segment probably contains
many endogenous interactions that are lost in the engineered homopolyproteins.
6.6 Stepwise Ig domain folding provides a large amount of
elastic energy to a contracting muscle
The remarkable agreement between the in situ and single molecule data provides strong support for
the view that folding/unfolding of titin Ig domains occurs in intact muscle tissue at physiological
forces of 6-8 pN. Thus, we examined in more detail the folding behavior of Ig domains in this force
range. Figure 4A summarizes our single molecule findings. Quenching the force down to 5.0 pN
in a previously unfolded I10 polyprotein triggered first elastic recoil, followed by a stepwise folding
contraction that eventually reached a steady state. The stepwise folding contraction was found to
be very sensitive to force. After unfolding all eight I10 domains at high force, the force was quenched
to a value ranging from 4 to 10 pN. Above 10 pN, no folding contraction was observed. Below 10
pN, the number of folding steps and their rate of appearance increased as the force was reduced.
Reducing the force to 4 pN or less always resulted in complete refolding of all eight domains. From
these data we calculated the folding probability as a function of force for an unfolded I10 domain.
We did similar experiments with I91, which demonstrated nearly identical refolding probability
over this range of forces. For both domains, the transition from fully unfolded to fully folded was
narrow. We fit a sigmoid to the folding probability data where the half point is at 6.6 pN and
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the 5% to 95% range occurs over 4.1 pN. Therefore, reducing the load on titin by only a few pN
triggered the refolding of Ig domains, which is likely the case during active muscle contraction.
Figure 6.4: Titin Ig domains perform mechanical work during folding (A) When the stretching force is quenched,
unfolded I10 domains shorten first with an elastic recoil, followed by a stepwise folding contraction. (B) The folding
contraction occurs over a narrow range of forces (4-10 pN). (C) Folding work done by titin Ig domains (blue circles:
I10, and squares: I91). The blue line is the work predicted by the worm-like chain model (LC= 27.8 nm; p=0.55
nm). The folding probability measured at 60s (red circles: I10, and squares: I91) is well described by a sigmoid (red
line). The expected value of the energy delivered by folding (blue line × red line) peaks at 5.7 pN delivering 46 zJ
of contractile energy.
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Owing to its force dependency, a folding step can deliver varying amounts of elastic energy.
We measured the amount of contractile work done by the folding of a single I10 or I91 domain,
calculated as F∆L. We showed that the force dependency of the folding step size closely follows
the WLC model of polymer elasticity. We use this model to fit the data, calculated as FWLC∆L.
Folding steps that occur at higher forces are also larger and hence do more work and recover more
energy (e.g. 105 zJ at 7.9 pN). However, at higher forces, there is a lower probability of folding.
A more useful measure for evaluating the delivery of elastic folding energy in a contracting muscle
is to compute the expected value of the work performed by a single titin Ig domain, calculated as
the product of the work performed and the probability of folding. We conclude that for muscle
to recover the maximum amount of elastic potential energy from Ig domain folding (46 zJ peak
expected value), the force on titin during an extension/contraction cycle should vary between 8.6
pN (5% folding) and 5.7 pN (peak of the expected value function).
6.7 Scaling protein folding to muscle physiology
Muscle tissue derives its properties directly from the dynamics of its single molecules. In a muscle
fiber, there are approximately 2.4× 109 titin molecules per mm2 operating in parallel and acting
independently of each other to provide elastic recoil to the sarcomere [20]. Intimately connected
to titin is the thick filament from which myosin heads protrude to interact with actin filaments in
a Ca++ and ATP dependent manner. These two molecular systems have been thought to operate
independently from one another, with titin playing a role only during the passive extension of
muscle, and the myosin motors as the sole source of mechanical force during a contraction. In this
paper we provide evidence to support the view that the titin and myosin molecular systems both
work together over a narrow range of forces, to store and recover elastic mechanical energy from
folding Ig domains during muscle contraction.
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Our data demonstrates that unfolded proximal Ig domains can do a surprisingly large amount
of contractile mechanical work. Indeed, we show that an unfolded I10 or I91 domain can deliver
up to W = 105 zJ of contractile work at 7.9 pN, which is nearly three times as much contractile
work as that of a single myosin motor (∼38 zJ) [8]. However, folding steps are relatively rare
at 7.9 pN of force, so a better measure of the recovery of elastic energy is its expected value,
which we calculate as the positive work done by the folding steps multiplied by their probability
of occurrence. Thus by dropping the force per titin down to 5.7 pN, at the peak of the E(W )
distribution, a large number of folding Ig domains would be expected to deliver ∼46 zJ per folding
domain of contractile mechanical work. These calculations were done based on the folding steps of
isolated I10 and I91 modules which were observed to be as large as 13 nm at 8 pN. However, the
folding steps measured in situ as well as those measured from the native I4-I11 tandem Ig region
both showed steps found to be almost twice as big (∼22 nm) producing ∼132 zJ of contractile
mechanical work at an operating force of 6 pN. Although the origin of the larger steps remains
speculative, their high frequency of occurrence suggests that in native titin there are additional
mechanisms in place to increase the delivery of elastic energy during Ig domain folding. It also
appears that the measured Ig domain folding probability curve is a generic property of all unfolded
domains. We chose to compare I10 and I91, from the proximal and distal regions of titin, as two
well studied extremes in mechanical stability. While the native state of I91 is significantly more
stable, both domains demonstrate the same folding probability as a function of force. This result
implies that recruitment of Ig domain unfolding will be complex and time dependent, whereas the
contractile delivery of the folding energy will occur in synchrony and exactly over the same range
of forces for all unfolded domains. If titin has unfolded a few of its Ig domains at a stretched length
prior to the contraction, then the extra ”kick” from titin folding should have a significant function
in supporting muscle contraction.
For simplicity, we consider the case where there may be one myosin motor cycling while attached
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to a single titin molecule composed solely of tandem Ig domains. In the extension phase of a
relaxed sarcomere (low Ca++), the myosin head is disengaged from actin and the load of 10 pN is
transmitted directly to the titin molecule, triggering the unfolding and extension of an Ig domain.
Upon elevation of intracellular Ca++, the myosin head engages the actin filament, generating a
force of 4 pN during the power stroke. This force is immediately subtracted from the force on the
titin molecule, such that titin now experiences a stretching force of 6 pN, where the probability of
folding is high. Folding of a single domain at 6 pN takes place in steps of ∼10 nm; thus, the folding
energy delivered would be 60 zJ which is larger than the energy delivered by the motor itself. The
coincident force ranges over which both the motors and titin folding operate, and the distance over
which folding Ig domains and myosin travel, are striking. Earlier studies had shown that the power
stroke of a single myosin motor can generate forces ranging from 3 to 7 pN [7]. Whereas more recent
data shows that in vivo, the force of an active myosin motor remains closer to 6 pN [8]. These
forces are sufficient to fully straddle the folding probability curve of titin Ig domains where a 4 pN
reduction in the stretching force increases the folding probability from 5% up to 95%. To place
the single molecule folding data in perspective, we calculate that our mechanism would readily lift
a ∼6 kg load (e.g. human vastus lateralis muscle, ∼2500 mm2, 2.4× 109 titin/mm2 [21]), whereas
the force generated by the motor alone could lift less than half that weight.
A directly measurable parameter in striated muscle is sarcomere length. Many studies on
isolated muscles have confirmed the close relationship between sarcomere length and the maximal
amount of force generated during tetanus. These active (isometric) force-length relationships have
been found to remain constant amongst many different types of muscles in support of the sliding
filament hypothesis. Human muscles develop a maximal force around 2.8 µm sarcomere length.
Cardiac muscles operate on the ascending limb of the force-length relationship whereas soleus
operates on the descending limb. These two muscles represent the extremes of muscle stiffness,
and express both the shortest and longest human titin isoforms, respectively. For each of these
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Figure 6.5: Mechanical energy delivered by a folding contraction occurs at an optimal sarcomere length that is
muscle-type specific (A) Oversimplified sarcomere consisting of a single myosin motor and a single titin molecule. A
relaxed sarcomere is stretched by 10 pN, unfolding an Ig domain, which extends by 10 nm (top; 1). Upon activation,
the myosin head engages actin and the resulting power stroke generates 4 pN of force, reducing the load on titin from
10 pN down to 6 pN, at which force the previously unfolded Ig domain will fold in a single 10 nm step generating
60 zJ in contractile elastic energy (bottom; 2). Note that both folding and the power stroke shorten with matching
step sizes (10 nm). (B) Folding probability (red) and contractile elastic energy (green) shown in relation to the
conditions in A (1 and 2). (C) Sarcomere length (SL) versus force relationships for titin measured from three types
of human muscles; soleus, vastus lateralis, and cardiac, and using a value of 2.4 x 109 titin molecules/mm2. (D) Plot
of Ig domain folding probability as a function of sarcomere length calculated using the measured Ig domain folding
probability and the three relationships between sarcomere length and force shown in (C). The calculated range of
sarcomere lengths that are optimal for delivering a maximum amount of folding energy closely matches the peak of
the (human) active force-length relationship (black line). The inset shows that cardiac muscle only needs to extend
about 100 nm/sarcomere to fully straddle the Ig domain folding probability (5%-95%). By contrast, the much softer
soleus muscle needs to extend by about 500 nm/sarcomere to cover a similar range of forces.
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muscles, the relationship between passive tension and sarcomere length has been measured [22].
The relationship between force per titin molecule and sarcomere length for both cardiac muscle
and soleus are shown. In addition, we also show data for vastus lateralis which falls somewhere
in between in terms of length and stiffness [23]. The stiff cardiac muscle needs only to extend by
remarkably little, from 2.1 µm up to 2.2 µm in sarcomere length, to double the force per titin from
4 pN to 8 pN. By contrast, soleus needs a much larger extension from 2.9 µm to 3.4 µm to have
the same effect. Thus it is clear that these two muscles will activate Ig domain folding in different
regions of the active force versus sarcomere length curve. We use the force-length relationships
to plot the titin domain folding probability versus sarcomere length for all three muscle types.
It is remarkable that the titin folding probability curves are near the optimal sarcomere lengths
for all three types of muscles. The figure shows that the contribution that titin folding makes
to muscle contraction is largest near the descending limb of the active length-tension relationship
of skeletal muscles. In cardiac muscles, which have a much stiffer titin isoform, this contribution
would support active contraction already on the ascending limb. Because skeletal muscle operates
in vivo on the early descending limb of the active length tension curve, whereas cardiac muscle
operates on the ascending limb, the titin ”kick” is largest within the physiological working range
of either muscle type. It is also interesting to consider that the titin isoform present in the muscle
tissue determines the relationship between force and sarcomere length. Thus, isoform switching will
cause a shift in the position of the folding probability curve, and most likely in the operating range
of sarcomere lengths. Finally, the observation that only small sarcomere length changes are needed
to fully activate the delivery of a titin folding contraction, agrees well with direct measurements
of sarcomere length changes during the full range of motion of a human limb [12, 24]. From
the evidence presented here, it appears inescapable that the folding of titin Ig domains generates
a substantial component of the force in a contracting muscle. From this perspective, both the
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Chapter 7
Controlling velocity and power of titin
folding through disulfide oxidation
Mechanical systems are defined by their force-velocity relationship, which measures the magnitude
of the work they perform and the rate at which they deliver it. This physics holds true on scales
ranging from man-made machines down to single molecule actuators and determines the peak power
that can be delivered by a mechanical system [1, 2]. In biological organisms, the magnitude of the
mechanical power delivered determines the timescales on which it can respond to its environment,
for example to evade a predator or to capture a prey. For these reasons, evolution has driven
biological systems to optimize their power delivery. We know of many molecular scale actuators
such as motors [3, 4], filament torsion [5, 6], filament assembly [7, 8] and filament disassembly
[9] that can deliver surprisingly large amounts of mechanical power on the scale of about ∼1000
zW per molecule. Mechanical power scales in networks of these molecules, reaching levels that are
compatible with the environment of the organism. Thus, delivery of mechanical power is a central
issue in understanding biological design, but very little is known about what dictates the mechanics
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at a molecular level in these power delivery systems. One important addition was the discovery
that protein folding does a large amount of mechanical work, on par with that measured in other
molecular systems [10, 11]. However, the force-velocity relationship for protein folding has never
been measured and the power capabilities of a folding-driven molecular actuator remain unknown.
Titin, the giant elastic protein of muscle tissues is a likely candidate for being an important
source of mechanical power derived from folding. A unique characteristic of titin is that the majority
of the tandem Ig domains of its elastic region are disulfide bonded, yet the role of disulfide bonds
in power delivery is unknown [12]. Furthermore, titin operates under a constitutive resting force of
several pN in vivo, which extends the unstructured regions in titin and unfolds some Ig domains.
There is currently no known mechanism for introduction of disulfide bonds into substrates extended
under force. To address these questions, we here use ultra-fast single molecule magnetic tweezers to
study the folding dynamics of a titin Ig domain containing a single pair of cysteine residues that can
be reversibly cleaved and joined using organic reagents and oxidoreductase enzymes. Millisecond
duration force changes, similar to those experienced by titin at the onset of a muscle contraction,
allow for measurement of the force-velocity relationship of this eight-repeat titin construct and
demonstrate that oxidation of the single disulfide bond in the core of the protein boosts the power
delivery from folding in an all-or-none manner, thus acting as a power switch. The experimental
data sheds light on how titin Ig domains might acquire disulfide bonds despite constitutive loading
conditions, and the functional role of these disulfide bonds for the contractile mechanics of muscle
tissue.
7.1 Real time control of single Ig domain oxidation status
The magnetic tweezers instrument provides a natural way for probing the force-velocity relationship
of a nanomechanical system because it supplies a constant-force field along with high resolution
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tracking of folding trajectories. Here we measure the force-velocity relationship of a tandem mod-
ular protein construct containing eight repeats of cardiac titin Ig domain I27 with two cysteines
that can form a single disulfide bond [13]. The eight identical repeats of the I27 domain in the
expressed construct generate an unambiguous fingerprint upon unfolding. In the oxidized form
(I27OXD), the formed disulfide limits the extension of the amino acid backbone upon unfolding
(Figure 1A), resulting in 11 nm upwards steps as each Ig domain unfolds up to its disulfide bond
(Figure 1B, blue trace) during the extend pulse. In contrast, the same Ig domains with the reduced
disulfide (I27RED) demonstrate 25 nm upwards steps, identical to those observed in the wild-type
I27 domain (Figure 1B, red trace). After unfolding, the force is reduced to allow the polypeptide
backbone to collapse during the refold pulse. There is a marked difference in the folding trajectories
of the reduced and oxidized Ig domains – the reduced Ig domains demonstrate a gradual downward
stepwise trajectory, a combination of six downward events and two upwards events, indicating a
net total of four folding events. By pulling again at high force in the probe pulse, the four 25 nm
unfolding steps confirm the refolding count. By contrast, the oxidized Ig domain shows immediate
collapse during the refolding pulse and eight 11 nm steps during the probe pulse, demonstrating
complete refolding.
The oxidation status of the disulfide bond can be controlled in real-time as depicted in the
chart-recorder style single molecule trace in Figure 1C. In this experiment, the molecule is first
stretched at high force (84 pN) to unfold eight oxidized Ig domains, each with a step size of 11
nm (inset histogram, Fig. 1C). The force is quenched to 2.8 pN to allow for refolding while a
buffer containing 10 mM tris(2-carboxyethyl) phosphine (TCEP) is prepared for exchange into the
chamber. Unfolding the molecule again at high force demonstrates eight upwards steps of 11 nm,
after which the reducing buffer is introduced through three successive washes of 100 uL, a volume
ten-fold higher than the volume contained inside the flow cell. Reduction by TCEP leads to eight
successive 14 nm steps caused by cleavage of the disulfide bond and release of the cryptic length
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Figure 7.1: Real-time control of cryptic disulfide bonds in single polyproteins under force. (A) Under force, an Ig
domain extends up to its buried disulfide bond, exposing it. Upon reduction, a further extension occurs. (B) The
oxidation status and effect of cryptic disulfide bonds are evident in these two traces of polyproteins containing eight
repeats of a titin Ig domain. Oxidized polyproteins extending at a high force of 84 pN increase their length in steps
of 11 nm (blue trace), whereas reduced polyproteins extend in steps of 25 nm (red trace). While the rate of folding
of the reduced polyprotein at 4 pN is slow, oxidation greatly accelerates the folding rate, driving it to completion
at the same force. The increased folding probability at 4 pN is measured from the number of steps recovered with
a probe pulse at 84 pN (red trace 4, blue trace 8). (C) The status of a single polyprotein can be easily changed
from oxidized to reduced by introducing a reducing agent into the solution (TCEP), while the polyprotein is fully
unfolded, exposing its thiols to the solution. Step size histograms record the changes observed from extending a fully
oxidized polyprotein (11.4 +/- 2.1 nm); immediately after addition of TCEP (14.6 +/- 1.6 nm) and after refolding
the resulting fully reduced polyprotein (25.6 +/- 2.2 nm).
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sequestered behind the bond (Figure 1A). With the reducing agent still present in the solution,
the force on the molecule is again quenched to 2.8 pN to allow for refolding. A final probe pulse at
84 pN demonstrates eight 25 nm steps – indicating complete refolding of the protein in its reduced
state.
7.2 A single disulfide bond shifts titin folding to higher forces
This assay was used to determine the folding probability of the oxidized versus reduced Ig domain
over a wide range of forces, calculated as described previously [14]. After unfolding the I27OXD
construct using an extend pulse, the refolding force was clamped at a force ranging from 5-18 pN
for 100 s, after which the probe pulse revealed how many domains had folded (Figure 2A). The
I27OXD domains experienced very little refolding at 15.3 pN, occasionally one domain per octamer,
but exhibit 7 folding events at a refolding force of 10.6 pN. The step sizes observed during the
refolding pulse scale according to the freely-jointed chain (FJC) polymer model [15] and match
the previously reported value for contour length [16], 12.7 nm, with a slightly larger Kuhn length
of 0.65 nm that is a better fit in the low force regime explored by the magnetic tweezers (Figure
2C). After obtaining the data from the oxidized domain, the protein was reduced with 10 mM
TCEP, which was kept in solution to prevent spontaneous re-oxidation or unwanted side reactions
of the two reduced cysteine residues while measuring the folding probability. The I27RED construct
showed dramatically different folding trajectories, requiring forces as low as 5 pN to begin refolding,
and forces down to 2.5 pN for complete refolding of all eight domains (Figure 2B). These size of
refolding events also demonstrated scaling with the FJC model, with a Kuhn length of 1.15 nm,
and a contour length of 28.4 nm (Figure 1C, red curve). The folding probability as a function of
force demonstrates a large, 8.4 pN shift in the midpoint of the folding probability according to
the fit with a sigmoid curve. This shift is clearly demonstrated by the data, which shows rapid
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Figure 7.2: Cryptic disulfide bonds alter the folding dynamics of titin Ig domains. (A) After full extension, oxidized
polyproteins are allowed to fold by quenching the force to 10-16 pN for 100 sec. While only a single folding event is
observed at 16 pN, complete refolding occurs at 10.6 pN. (B) Reduced polyproteins fold at a much lower range of
forces in the 2-5 pN range. (C) The folding probability is calculated as the number of refolded domains (probe pulse)
divided by eight. Oxidation shifts the midpoint folding probability from 4.1 pN to 12.5 pN. The data was collected
from several different molecules, with n=11 for I27OXD and n=9 for I27RED (D) The folding steps observed during
the quench pulse (insets in A and B) scale in size with the applied force. Oxidized folding steps (blue circles) are fit
by the FJC model (solid blue line, see supplementary equations) using a contour length of 12.7 nm. Reduced folding
steps (red circles) are fit using a much larger contour length of 28.4 nm (solid red line). These data came from the
same molecules measured in panel (C).
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refolding of the I27OXD domains at a force of 10.6 pN, but rather slow refolding from I27RED at
a force of 4.3 pN. The cause of this increase in the folding kinetics and lowering of the refolding
barrier may arise from either the reduced entropy of the backbone imposed by the presence of the
disulfide bond or perhaps some residual structure that serves to nucleate folding in the peptide
loop delimited by the disulfide bond.
7.3 Protein Disulfide Isomerase (PDI) mediates disulfide
reformation under force
In vivo, disulfide bonds are most commonly introduced via a specialized set of electron shuttling en-
zymes called oxidoreductases. The most common of these enzymes in mammals is protein disulfide
isomerase (PDI) which consists of four domains with thioredoxin-type folds. Two of the domains,
A- and B-, contain a catalytic CXXC motif that can cleave and reform disulfide bonds in substrate
proteins, as well as two other domains (A’ and B’) lacking the catalytic motif, thought to possess
chaperone activity [17]. The magnetic tweezers was recently used to demonstrate that chaperones
are capable of accelerating folding in substrates under force, which may be a common scenario
with polypeptides emerging from the ribosome, the translocon pore , and other molecular tunnels
(Haldar et al., 2017). Titin is another case of a protein that is naturally stretched in vivo, and
experiences a constitutive resting force due to the geometry of the sarcomere [18]. It is unclear
if the oxidoreductase machinery of the cell is capable of functioning to correctly oxidize disulfide
bonds in substrates that experience such forces, but there is evidence that PDI plays an important
protective role in cardiac muscle tissue [19]. Here we examine the effects of the single catalytic PDI
a domain (PDI) on the re-oxidation and refolding of the I27 substrate. After unfolding all eight
I27OXD domains, 60 uM PDIRED was flowed into the chamber to react with the exposed substrate
disulfide bonds (Figure 3A). Cleavage of substrate disulfide was marked by eight 14.1 nm upwards
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Figure 7.3: Oxidoreductase mediated disulfide cleavage and reformation under force. (A) After full unfolding of eight
I27ox domains (11.4 nm steps), PDIRED was added to the flow cell, causing eight distinct disulfide cleavage events
(14.6 nm steps). After quenching the force to 5 pN, a downward folding staircase is observed. Subsequent unfolding
at 84 pN reveals a mixture of 11- and 14- nm steps, indicating reformation of the disulfide bond. (B) Disulfide
reformation could also be achieved with oxidized PDI: after full unfolding of eight I27OXD domains, TCEP (10 mM)
was added to the flow cell, resulting in eight 14.6 nm steps due to reduction of the disulfide bond. Quenching the
force to 5 pN resulted in only a single refolding event. The protein was stretched again at high force to remove the
TCEP with 5x washes using buffer. Reducing the force to 2 pN caused refolding of 7x I27RED domains, as indicated
by the 25 nm steps. After full unfolding, PDIOXD was added to the flow cell, and the force was reduced to 5 pN
again. In the presence of the oxidoreductase, a folding staircase is again observed. Subsequent pulling at 84 pN
demonstrates 7x 11- and 14- nm steps, indicating nearly complete reformation of the disulfide bond at 5 pN.
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steps, identical to those seen in the presence of TCEP, with the exception that >100-fold less con-
centration was used, indicating the highly nucleophilic nature of the catalytic PDI thiols. Upon
complete cleavage of the disulfide bonds, the force was reduced to 5 pN to allow the protein to fold.
Unlike the situation with TCEP where little to no folding occurs at 5 pN, there is a downwards
staircase of seven steps, indicating refolding. A subsequent probe pulse of 84 pN reveals both 11-
and 14- nm steps, indicating that both disulfide reformation and refolding have occurred. In the
cellular environment, PDI is maintained in its oxidized state with the help of several other electron
shuttling enzymes. In order to recreate such an environment, the same assay was repeated with
oxidized PDI (see Methods) and reduced I27 (Figure 3B). I27OXD was first unfolded (Fig 3B, part
1) and reduced through addition of 10 mM TCEP (Fig 3B, part 2), after which the force was re-
duced to 5 pN. This confirms that there is little folding activity at 5 pN, as indicated by the single
reduced (25 nm) step observed on the following probe pulse. Next the TCEP was thoroughly re-
moved from the chamber with five washes of 100 uL buffer. Reducing the force to 2 pN and pulling
again shows the presence of seven I27RED domains (Fig 3B, part 3). Finally, 60 uM PDIOXD was
added to the flow chamber through two washes to create an oxidizing environment. Reduction of
the force to 5 pN again shows seven downwards steps, in stark contrast with the folding trajectory
in the presence of TCEP. The last probe pulse demonstrates seven each of 11- and 14- nm steps,
indicating re-oxidation of the disulfide bond in addition to refolding (Fig 3B, part 4)
The assay utilizing I27OXD and PDIRED allowed for many cycles of enzymatic reduction and
oxidative folding to be conducted at different refolding forces (Figure 4A). Scanning the refolding
forces from 3.5 to 6.5 pN permitted direct observation of the folding trajectories in the presence
of PDI and the ability to control the amount of refolding. The folding probability, calculated as
the number of 11- and 25- nm steps in the probe pulse, divided by the number of 11- and 25- nm
steps on the extend pulse, shows a clear shift of the sigmoidal folding probability to higher forces
(5.0 pN midpoint) in the presence of PDI (Figure 4B). We attribute this to the mixed disulfide
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Figure 7.4: PDI introduces disulfide bonds after accelerated polypeptide collapse. (A) Folding trajectories of I27 in
the presence of 60 uM PDIRED at 6.2, 5.2, and 4.3 pN. Both the extend and probe pulses contain both 11- and 14-
nm steps due to initial cleavage of the disulfide bond and subsequent oxidoreductase mediated reformation of the
disulfide bond during the quench. (B) Comparison of individual folding trajectories of I27RED in the presence of 10
mM TCEP versus I27OX after cleavage by 60 uM PDIRED. The greatly favored folded state in the presence of PDI
suggests chaperone activity from the oxidoreductase. (C) The folding probability of I27 is shifted in favor of the
folded state in the presence of PDI. The sigmoidal fits demonstrate a 1.0 pN shift of the midpoint folding probability
from 4.0 pN in the presence of TCEP to 5.0 pN in the presence of PDIRED. (D) Folding step sizes observed in
the presence of PDI closely followed the FJC model for the I27RED domain, even if there is disulfide reformation.
This suggests that the oxidoreductase reintroduces the disulfide bond only after there is collapse of the polypeptide
backbone.
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formed between PDI and I27 after cleavage of the I27OXD internal disulfide bond, which increases
the propensity of the substrate to fold under force. By contrast, folding in the presence of TCEP,
which does not form stable adducts with protein thiols, has a midpoint folding force of 4.0 pN.
The step-sizes measured at each force were collected and averaged and found to fall directly on the
FJC curve of folding step sizes when the I27 was maintained in the reduced state by TCEP. The
subsequent pulses contain many 11 nm steps, indicating re-oxidation of the disulfide bond. Taken
together, these data suggest that PDI re-introduces the disulfide bond after the first step of protein
folding, collapse of the polypeptide backbone to a high entropy molten globule state. This confirms
the conclusions inferred from previous single molecule data that lacked resolution to resolve the
individual folding steps[20, 21]. This suggests a bona fide chaperone activity of the PDI domain
with extended polypeptides, indicating a pathway for disulfide bond introduction into titin even
under the resting forces it experiences in muscle.
7.4 Disulfide formation boosts the work done by titin folding
Recent experimental data on muscle fibers suggests that the energetics of titin folding might be
important for active muscle contraction in addition to passive mechanics. From the measurements
presented so far, it is not immediately clear if presence of an extension-limiting disulfide bond will
increase or decrease the mechanical work delivered by a folding Ig domain because higher folding
forces and smaller step sizes have opposite effects on work delivery. The maximum work can be
calculated simply as the product of the applied force and the mean step size at that force. However
in the force range explored for titin folding, there is an equilibrium between folding and unfolding
steps, so the net amount of work delivered by folding a single titin Ig domain is equal to the
maximum work (empty squares, Figure 5) times the folding probability (empty diamonds, Figure
5). This quantity is called < W >, the expected value of the work output (Rivas-Pardo et al.,
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Figure 7.5: Oxidation increases the work done by protein folding and shifts its peak to higher forces. We calculate
the expected value of the work delivered by folding steps as the product of folding work times the folding probability.
The expected value of the folding work delivered by a reduced Ig domain peaks at force of 3.5 pN with a value of
25.6 zJ (solid red line), calculated by multiplying the reduced folding probability (empty red squares, dashed line)
times the reduced folding work (empty red diamonds, dashed line). Oxidation causes large effects on the mechanical
work delivered by protein folding: the expected value of the folding work delivered by an oxidized Ig domain is now
2.5 times bigger (63.9 zJ) and peaks at 11 pN (solid blue line; from the oxidized folding probability (empty blue
diamonds, dashed line) times the oxidized folding work (empty blue squares, dashed line). However, in both cases,
the delivery of the folding work at their peak is very slow due to measured folding kinetics.
2016) (solid circles, Figure 3). The I27RED folding process generates a peak < W > of only 25.6
zJ at 4.2 pN whereas I27OXD folding work peaks at a value of 63.9 zJ and 11.7 pN (Figure 5, solid
curve). Oxidation of the single disulfide bond in this protein therefore doubles the magnitude of
the expected work performed Ig domain folding. Although these work values are much higher than
the average energy delivered by muscle motor proteins [22], a better assessment of the relevance of
protein folding on a physiological scale is the rate at which the energy is delivered.
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7.5 A mathematical model for power delivery from protein
folding
During a muscle contraction, force development occurs within milliseconds after activation of the
muscle fiber [23], redistributing some of the load from titin to the crossbridges themselves. Here
we aim to mimic these force changes in titin using ultra-fast force quenches to determine if there is
significant power output from titin on the timescales relevant in muscle (Figure 6A). After a high
force extend pulse at 80 pN, the force was ramped down to 16 pN over the course of 0.5 seconds,
where I27OXD does not fold (Figure 2C). After settling at 16 pN for 1 second, the magnets were
stepped as quickly as possible (∼5 ms) to provide a force in the range of 2-10 pN. Tracking of
the protein trajectory after these very fast force quenches permits a measurement of the power
output due to protein folding. As seen in Figure 6A, the folding trajectories are so rapid that it is
difficult to distinguish individual folding steps. The change in length at 16 pN before and after the
force quench, as well as the presence of eight steps in the final probe pulse (not shown), indicate
complete refolding of the protein construct. The force ranges over which the folding kinetics could
be tracked were 3-10 pN for I27OXD or 2-3 pN for I27RED. The lag introduced by changing the
magnet position and the amplitude of the folding contraction were the limiting factors at lower
forces. The effective shortening rate during the refolding pulse was determined by fitting a single
exponential to the trajectory (inset, Figure 4A). The amplitude of the exponential was fixed to eight
times the step size as predicted by the freely-jointed chain model (Figure 2D), thereby excluding
the entropic collapse of the polymer due to the change in force. The observed rate constants are
plotted for both the oxidized and reduced forms of the protein are shown in Figure 4B, blue and
red data points, respectively. The folding rates are fit with a modified exponential model that takes
into account the free energy of a polypeptide [24, 25] modeled as a freely-jointed chain polymer
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Figure 7.6: Oxidation acts as a power switch controlling the delivery of protein folding work. (A) Force protocol for
measuring fast folding contractions at forces where the folding probability is always one. A fully extended oxidized
polyprotein is first quenched to 16 pN, where no folding occurs. A rapid quench follows, resulting into a brief elastic
recoil and a very fast folding contraction. A subsequent increase of the force up to 16 pN reveals a much shorter
extension, marking the folding of all eight domains. The speed of the folding contraction increases greatly as the
force of the quench is reduced. The folding contractions are fit with a single exponential to measure the folding rate.
(B) Shows the force dependency of the folding rate for oxidized domains (blue squares) and reduced domains (red
squares). The dashed lines correspond to fits using equation 1. (C) Force dependency of the initial velocity of the
folding contraction (V0), measured as the amplitude of the contraction divided by its time constant (inset, panel A).
The dashed lines correspond to fits from fits from equation 2. (D) the power delivered by the folding contraction is
then calculated as V0 •F . The dashed lines are fits of equation 3. The figure shows that oxidation of the polyprotein
increases the peak output power of its folding contraction by more than 300 fold, reaching ∼ 6000 zW. Data was
averaged from n=5 molecules for I27OXD and from n=3 molecules for I27RED.
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extended up to the pulling force:










Here LC is the contour length and lk is the Kuhn length as determined from the previous fits
to the freely jointed chain (Figure 2D). The curvature of the folding rates due to movement of
the folding transition state with force is well accounted for by this model (dashed fits, Figure
6B). These experiments are nearly identical to those performed on muscle fibers to determine the
force-velocity relationship of muscle, where shortening velocities are recorded after a small step
change in the load. The muscle fiber typically exhibits <100 nm shortening per half sarcomere
over tens of milliseconds [22, 26, 27]. Therefore we consider the initial shortening velocity, v0, of
a titin molecule as the physiologically relevant measurable here to mimic the equivalent muscle
experiments. The velocity, v0, is the slope of the folding trajectory at time zero, and is calculated
from the amplitude of the exponential fit multiplied by the force dependent folding rate, given by
modeled as a freely-jointed chain polymer extended up to the pulling force:










where N is the number of folding domains and xFJC is the force dependent step size of folding
calculated from the freely jointed chain. Unlike the force-velocity relationship of muscle, which
does not have a maximum according to the hyperbolic Hill equation, the force-velocity relationship
shown here is peaked due to the rapidly diminishing folding step size as the force approaches zero.
Despite the contour length of the I27OXD being less than half that of the reduced domain, the
incredibly accelerated folding rate causes the folding velocity of I27OXD to be ∼300-fold higher at
a force of 3 pN. From these data, the power output can be easily calculated by multiplying the
applied force by the measured shortening velocity.











The power output of this disulfide bonded titin construct reaches much higher than any other
protein ever observed, up to 5,870 zW measured at a pulling force of 4 pN, with a predicted peak
power of 6,530 zW at a force of 3.6 pN according to the fit by equation (3). By contrast, the
largest power output measured from the reduced domains reaches only to 21 zW at a force of 2.5
pN. This is comparable to, but slightly under the power output estimated from the wild type I27
and I10 domains (neither contain disulfide bonds), which reach approximately 200 zW. From these
measurements it is clear that the disulfide bond acts as a switch that doubles the amount of work
done by folding, but is able to boost the power output of folding by several orders of magnitude.
7.6 Redox regulation of muscle contraction
Cysteine residues are widely recognized as molecular switches because of their reversibly reactive
nature [28, 29], yet the role of disulfide bonds on the dynamics of mechanically active proteins in
the physiological force range has never been explored due to instrumental limitations. Magnetic
tweezers provide the ability to accurately control the applied forces in the piconewton range, with
the additional advantage of being able to exchange buffers throughout the course of an experiment
to alter the redox status of protein thiols. Here we use the magnetic tweezers to demonstrate that
disulfide bonding is a switch-like regulator of the power output from Ig domain folding, converting
a soft and extensible polypeptide into a potent power-delivering actuator. At a force of 6 pN, the
reduced protein domain is completely unable to fold (Figure 2B and 7). Simple oxidation of the
disulfide bond allows the protein to fold at the same force of 6 pN with a predicted step size of 4 nm,
each step thus delivering 24 zJ of work. With an initial folding velocity of 1,000 nm/s, this equates
to a power delivery of 6,000 zW (Figure 7). The switch like behavior reported here is easily tuned by
the redox status of the muscle, which is determined by antioxidant and oxidoreductase levels, and
changes with exercise, stress, ischemia, and various homeostatic responses. We further demonstrate
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that a canonical oxidoreductase enzyme, protein disulfide isomerase, is able to introduce disulfide
bonds into titin even when it is stretched by forces in the range thought the be experienced in a
relaxed muscle. These experiments unexpectedly revealed a chaperone-like quality of PDI, shifting
the folding to 1.0 pN higher forces.
Muscle tissue routinely experiences wide fluctuations in the redox balance of the cytosol espe-
cially during periods of high metabolic demand, for example exercise. It is highly likely that the
abundant cysteine residues in titin and other sarcomeric proteins (myosin, actin, troponin C, ryan-
odine receptor, protein kinase C, myosin binding protein C) regulate muscle mechanics through
cysteine chemistry [30]. The nearly crystalline arrangement of filaments in the sarcomere allows for
such dense protein packing that local protein thiol concentrations can reach the millimolar range. It
is therefore impossible for intracellular antioxidants to completely buffer protein thiols from redox
reactions. The role of the abundant cysteines in titin has long remained unclear, and although it
had been hypothesized that disulfide bonding, disulfide isomerization, and other post-translational
modifications might alter titin elasticity, never before had their role in power output been explored.
Acquisition of disulfide bonds in the intracellular compartment can be achieved through several
different mechanisms, including formation of intermediates with reactive oxygen species or low
molecular weight disulfide compounds. While there is evidence that low molecular weight thiols
can induce disulfide reformation in peptides at zero force [31–33], this is unlikely a viable mecha-
nism at the 4-10 pN stretching forces experienced by titin in vivo. A more likely mechanism for
introduction of disulfide bonds is through oxidoreductase enzymes, which have evolved to recog-
nize unfolded substrates containing cysteine residues. Indeed PDI is one of the genes upregulated
in cardiomyocytes in response to myocardial infarction, and plays an important role in post-MI
remodeling [19]. Previous studies using PDI and I27 utilized AFM based force spectroscopy to
measure the rates of cleavage and reformation of this same disulfide bond. However, the large
fluctuations of the AFM cantilever at low forces prevented direct observation of the folding events.
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The magnetic tweezers overcomes this because by operating under highly damped, passive force
clamp conditions, enabling accurate tuning of the force to fractions of a piconewton.
Refolding trajectories of I27 in the presence of PDI reaffirm the mechanism of PDI proposed by
the previous AFM studies, namely that re-oxidation of the disulfide bond is preceded by entropic
collapse of the I27 polypeptide into a molten globule like structure, as indicated by the step sizes of
folding measured in Figure 4D. What could not be probed in the previous studies was the ability
of PDI to bias the folding reaction to the native folded state. While it is intuitive that presence
of a pre-formed disulfide bond allows I27 to fold at higher forces (12.5 pN vs. 4.0 pN midpoint),
it is not immediately clear why having a mixed disulfide between PDI and I27 also shifts the
folding probability of I27 to higher forces (Figure 3B and 4C). One possible explanation is the
chaperone activity that is a supposedly generic property of the thioredoxin fold, independent of
its catalytic activity [34]. The catalytic CXXC motif is surrounded by a small hydrophobic patch
that is thought to help thioredoxin-based enzymes recognize and bind to unfolded proteins. It is
possible that the hydrophobic patch helps to organize the hydrophobic core of I27 and accelerates
folding, as is the case in other typical chaperone proteins [35]. PDI simply acts as a placeholder so
that when the protein collapses to the molten globule state, at 5.0 pN for example, the free thiol
of titin can attack the mixed disulfide with PDI. With the reformed internal disulfide, the natively
folded state is then quickly achieved. These studies demonstrate that even a substrate such as
titin, which is under a constitutive load of no less than 4 pN in a resting muscle, can be successfully
re-oxidized by a typical mammalian oxidoreductase enzyme.
These magnetic tweezers experiments further allow for the testing of key hypotheses related to
titin protein folding during muscle contraction, through direct comparison with equivalent single
molecule assays performed on myosin II motors. Attempts to reconcile full muscle and muscle fiber
mechanics experiment data with the trajectories observed from single molecule optical tweezers
experiments on muscle myosin motors demonstrate the complexity of scaling mechanical systems
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over many orders of magnitude. Early single molecule optical tweezers experiments show that
single myosin II power strokes generate steps of 12 nm and forces of 3.4 pN on average [36].
Improvements such as using small ensembles of myosins to enable continuous sliding against a
pulling force reported velocities of 500 nm/s at forces of 3 pN per motor [37], and the most recent
experiments using entire myosin-actin co-filaments extracted from frog muscle observed unloaded
velocities of 1,000 nm/s at 1 mM ATP and 20 pN (half the isometric force), providing a power
output of 20,000 zW [38].
Figure 7.7: A PDI-mediated disulfide switch of the power output from titin folding. Upon initiation of a muscle
contraction, the force on titin is lowered through engagement of the crossbridges. Titin domains lacking cysteines
or containing reduced disulfide bonds are unable to fold rapidly and there for contribute very little peak power,
reaching a maximum of only 25 zW at a force of 2 pN (left panel). Oxidation of titin disulfide bonds through the
PDI machinery of the cell allows titin domains to fold at higher forces and more rapidly. Despite the collapse step
being much larger in the case of the reduced domain, the forces and kinetics from folding of the oxidized domain at
4.0 pN are so much higher that the power output is two orders of magnitude greater.
There has long existed evidence for non-myosin based force generation mechanisms in muscle
that cannot be explained by the classical cross-bridge theory of muscle contraction. Pollack and
colleagues demonstrated the stepwise extension and contraction of both relaxed and activated
162
muscle fibers from a variety of animal specimens [39]. Pollack suggested that some structural
element within the sarcomere was undergoing stepwise lengthening-shortening transitions, although
at the time there was no evidence that proteins could fold and unfold under force, and titin had
only recently been discovered. Despite the growing evidence that titin Ig unfolding and refolding
plays an important role in muscle mechanics, there is still resistance to the idea that folding can
deliver energy at a rate fast enough to support a muscle contraction. This comparison between
single molecule data on motors and folding Ig domains is central to the debate over their relative
contributions to energy released during a muscle contraction. The magnetic tweezers data presented
here demonstrates that a truncated chain of only eight disulfide-containing Ig domains are capable
of folding at speeds of up to 1,900 nm/s, ensuring that titin should never go slack during a typical
muscle contraction.
Can the single molecule data observed here be scaled up to explain whole muscle fiber energetics?
The power measured from our eight Ig domain construct reaches a peak output of 6,000 zW at 4.0
pN, the force we have estimated titin to experience during a muscle contraction [11]. The power
output from a real titin isoform, containing up to 100 tandem Ig domains in the I-band, would
scale (according to equation (2)) to ∼15,000 even if only 20% of the Ig domains were recruited to
the unfolded state for the contraction. The premise advanced by Bianco and colleagues in their
brief note underestimates the contribution of titin to the output power of a muscle contraction by
several orders of magnitude [40]. Scaling the 20,000 zW power output from single myosin-actin
rod co-filaments of Kaya et al. to consider simultaneous interaction of the thick filament with
six actin fibers (120,000 zW) plus the contribution from six parallel titin filaments (90,000 zW)
provides a total power output per half sarcomere of 210,000 zW in accorder with the estimated from
Lombardi, but demonstrating that a significant portion of the power (almost half) if generated by
titin folding.
Such a contribution has never been considered before. Titin can store potential energy from
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gravity and inertia by extending to the unfolded state under force, which can be tapped to release
energy by lowering the barrier to folding, for example by activation of actomyosin crossbridges.
Harnessing the chemical potential energy of ATP is clearly only one means by which animals power
their motion; a hybrid mechanical system composed of titin and myosin in parallel can be tapped
to deliver explosive levels of power through the synergy of protein folding and mechanochemical
cycling of the myosin in unison. It is therefore inescapable that the unique material properties
of elastic proteins, which we have demonstrated here, are used to power motion in heretofore
undiscovered molecular and cellular systems, one of which happens to be muscle.
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Chapter 8
Perspectives & Future Directions
Muscles are complex systems, comprising several interacting proteins arranged in hierarchical struc-
tures. Determining the particular role of each of these proteins from a molecular level is a difficult
enterprise. However, it seems now clear that the tandem modular arrangement of the titin molecule
is not merely devoted to a role in muscle passive tension, but indeed these domains can unfold and
refold in the force range under which they operate. This entails an active function of titin on the
generation of contractile work in muscle shortening. However, there remains much experimental
work to provide a detailed vision on the precise role of titin in muscle contraction and how the
power output of domain folding interplays with that delivered by the myosin motors. The hy-
pothesis discussed throughout makes a key testable prediction: activation of muscle leads to the
engagement of the myosin motors, which lowers the load on titin to a range that triggers folding
of Ig domains previously recruited to the unfolded state.
Force spectroscopy provides a unique look into how proteins respond to forces at a mlecular
level, but can the knowledge gained from such experiments be built into some greater understand-
ing of cellular physiology? Muscle is certainly one field that can benefit from force spectroscopy
experiments, and has already begun to, in understanding the molecular mechanisms involved in
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heart failure causing myosin mutations [1]. Titin missense and nonse mutations are the leading
cause of dilated cardiomyopathy, and are also associated with vaious other forms of cardiomyopathy
and muscular dystrophies [2]. The molecular mechanisms leading to the phenotypes seen in these
diseases are poorly understood, but there are many theories as to how titin mechanics plays an
essential role in determining the disease progression. Like other cytoskeletal scaffolding proteins,
titin links together crucial force-generating and force-sensing structures in the sarcomere, e.g. the
thick filament, alpha-actinin in the Z-disc, myomesin in the M-line, myosin binding protein C, and
others. It is highly likely that one of these proteins, or even titin itself has one or several force
transduction mechanisms that is capable of altering gene expression [3].
Stress fibers in adherent cells are an example of an analogous system in which we understand
the force transduction pathways slightly better. Focal adhesions form where integrins engage the
extracellular matrix, leading to recruitment of talin and vinculin to the intracellular side of the
focal adhesion. Vinculin binds actin fibers, which run back to another focal adhesion or to internal
membrane protein complexes on the nucleus. Tension in the actin fibers, generated by non-muscle
myosin II, causes unfolding of more talin domains, leading to more vinculin binding, recruitment of
further stress fibers, and formation of stable focal adhesions [4]. This process is especially critical
as a rigidity sensing mechanism in mesenchymal stem cells, for example, where the rigidity of the
substrate dictates the differentiation pathway of the cell. The proposed mechanism for this process
is that forces transmitted along the stress fibers to nuclear membrane (LINC) complexes cause
deformations of the nuclear lamina, and binding or unbinding of transcription factors such as the
retinoic acid receptor[5, 6].
Mesenchymal stem cells can also differentiate into skeletal muscle tissue, and the mechanism
for doing so likely follows this pathway at first. But as the stem cell differentiates into myoblasts,
which fuse into multinucleate myofibrils, the structure changes greatly, becoming organized around
formation of the sarcomere. Tension must be maintained at a very precise level to ensure that
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the sarcomere operate at or around its optimal force-generating length. Because each and every
sarcomere is under passive tension even when the muscle is at rest, a sarcomere that becomes
damaged and loses its attachments is unable to reincorporate into the muscle fiber. New stem cells
incorporating into the structure must be able to sense the orientation and polarity of the surround-
ing tissue. In newly differentiated, immature myofibrils, both titin and myosin are expressed in
very high levels, and formation of the periodic patterns of the sarcomere are thought to be driven
by forces transmitted from the surrounding tissue [7]. Single molecule force spectroscopy provides
us with the ability to probe some of these force tranduction mechanisms at a molecular level, but
also create tools for examining forces at a whole tissue level.
8.1 Measuring titin function in muscle tissue
Force spectroscopists wish to have tools that provide them with the precision of single molecule
techniques at a whole tissue level. To some extent, this is being realized with genetically encoded
force sensors that have been expressed within force-bearing cytoskeletal components of cultured
cells. These force sensors utilize two fluorescent proteins that are able to exchange energy through
non-radiative transfer (FRET), separated with a short unstructured or structured peptide. These
genetically encoded force sensors have been incorporated into spectrin proteins [8], vinculin and
talin [9, 10], and nuclear nesprins [5], all of which are subject to tension from intracellular stress
fibers. As the tension on the protein containing the force sensor increases, the FRET donor and
acceptor separate and the FRET ratio decreases. These force sensors are calibrated by measuring
FRET ratio under applied tension using single molecule force spectroscopy over ranges from 0-10
pN [11]. The titin I-band would be an ideal place to engineer such a force sensor, as depicted in
the figure below. Unlike in cell culture experiments, where cytoskeletal tension develops after cell
adhesion in an uncontrolled manner, the tension on titin can be exquisitely tuned with a muscle
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fiber pulling apparatus [12]. The uniform arrangement of the titin filaments within the sarcomere
ensure that the fluorophores would be highly aligned, providing an excellent signal to noise ratio
of the fluorescence readout in an intact muscle. Not only would the genetically encoded force
sensors allow the determination of the force per titin, but also the sarcomere lengths at which the
titin folding contraction is triggered. Each muscle group contains a titin isoform of a different
length—as shown, e.g., for a set of 40 different rabbit muscles [13]. We predict that this length
is programmed so that the titin folding contraction occurs within the optimal working sarcomere
lengths of that particular muscle group. Such a tool would be invaluable for both in vitro and in
vivo studies of muscle performance and would help move the field towards a better understanding
of the physiological forces experienced by titin and the number of crossbridges needed to reduce
the load on titin. These two factors, combined with the folding velocity of titin are crucial for
determining the relative power output of titin and myosin during muscle contraction.
Single molecule calibration of the force sensor
The force sensors used to date have not been properly calibrated. This is evident in the figures
of the studies based around the force sensors, which only report the observed FRET ratio, and
not the force. Estimates of the forces are mentioned throughout the text, but are never directly
reported in the figures. This is because no calibration protocol has been performed at the single
molecule level. For the current generations of force sensors, which incorporate a short 25- to 40-
amino acid unstructured spider silk linker or an ultra-fast folding 35 amino acid domain between the
two fluorophores, only the extension of the linker region has been measured using optical tweezers
[14]. No single molecule fluorescence study was done while the optical tweezers stretching was
performed. Although newer commercial optical tweezers with built in fluorescence capabilities (C-
Trap, Lumicks) might be able to do these experiments, magnetic tweezers provide a fairly simple
way of measuring the fluorescence during a pulling experiment because the instrument is built on
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Figure 8.1: Muscle contraction model as a hybrid mechanism. (A) Titin domains work as a “battery”, storing
contractile energy by unfolding and delivering it when shortening upon folding. When a muscle stretches, the
mechanical tension increases and titin domains unfold (storage phase, (1) to (2)). When muscles contract, myosin
heads engage, decreasing the force on titin to 6 pN, allowing Ig domains to refold and shorten, which deliver folding
contractile energy and assist muscle contraction (3). (Lower panel) Simplified model for muscle stretching-contracting
during animal motion, indicating each of the three phases upon titin unfolding and refolding. (B) Free energy
landscape interpretation of titin-assisted muscle contraction. During the stretching phase, the landscape is tilted to
the unfolded state (12 pN, green). When the myosin motors engage, they reduce the mechanical load on titin to
6 pN, so the landscape favors the folded state (6 pN, red). (C) Testing this hypothesis requires incorporation of
a genetically encoded force sensor into the titin sequence. One such design is provided here, utilizing HaloTag and
SNAP-tag covalent labeling technology introduced in between exons I86 and I87.
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top of a fluorescence microscope. The constructs could easily be designed for attachment to the
glass coverslip through HaloTag, with the only caveat being that a long DNA linker would have to
be used to tether the bead on the other end. This would enable total internal reflection fluorescence
to be used to measure the FRET ratio between the two fluorophores, which provides much lower
levels of background noise than other fluorescence imaging techniques. The long DNA linker would
be needed so that when force is applied, the bead leaves the evanescent field and does not contribute
to the fluorescence signal (the dynabeads polymer coating has very high autofluorescence). These
experiments do not even require simultaneous tracking of the bead position if the magnet law
is already known. This would further allow for the field of view to be increased greatly, enabling
tracking of many FRET fluorophore pairs simultaneously. Calibration using this magnetic tweezers
based approach would allow for in situ forces in the extracted myofibrils to be measured directly.
Measuring the calcium sensitivity of titin’s passive force
The most pressing experiment to perform with such a model, is how force is distributed between
titin and the actomyosin crossbridges. Using myofibrils extracted from a mouse in which the force
sensor has been incorporated into a constitutively expressed region of the titin gene, one could
extract single myofibrils or skinned muscle fibers for mouting on a pulling apparatus. This is
similar to any force spectroscopy instrument, with a force transducer to measure the stress on the
myofibril, and a motor to stretch and relax the myofibril. As the muscle fiber is elongated, the
FRET ratio is expected to drop as the force on titin grows. The goal would be to increase the
sarcomere length to the maximum that is achieved in vivo under relaxing conditions of 1 mM ATP
and pCa = 9 or lower, preferably with a myosin inhibitor such as blebbistatin. Slow titration of
the calcium concentration up to millimolar levels will cause the number of crossbridges to grow,
short-circuiting some of the applied force away from titin and into the myosin molecules. This is
expected to result in an increase in the FRET ratio of the force sensor due to the lowering of the
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force. If the experiments are done by clamping the myofibril at a fixed length, as is commonly done,
there should be a very exciting result: when the myosin crossbridges reaches a critical threshold
that tips the bistable Ig domains from the unfolded state to the folded state, the force on titin
should actually begin to rise again! This would be due to the folding of individual titin Ig domains
and acquisition of the native state, which cannot reversibly unfold. This would cause the overall
contour length of titin in the I-band to shorten, increasing the tension on the FRET sensor, and
once again lowering the FRET ratio.
Figure 8.2: Experimental setup for direct measurement of the force per titin using a myofibril pulling apparatus and
fluorescence imaging for ratiometric FRET detection. (A) Myofibrils extracted from mice genetically engineered to
have the FRET based force sensor in titin are purified and mounted on a myofibril pulling apparatus. The actuator
used to apply force is the same voice coil used to actuate the magnets in the magnetic tweezers. The myofibrils will
be imaged using the appropriate fluorescence filters to separate out emission from the donor and acceptor. The ratio
between the two channels will be captured by duplicating the image onto the camera sensor or by using two separate
cameras. (B) DIC image of a single myofibril stretched between an actuator and a force sensor. This configuration
allows for an electronic force-clamp to be implemented. The differential signal from the WPI force sensor can be
compared to a setpoint value, and current can be supplied to the voice coil to compensate for any error using a
feedback system such as that detailed in appendix B. (C) Fluorescence image of HaloTag labeled myofibrils from the
HaloMouse using Alexa 488 (O4) ligand. The labelling shows the high specificity of the labeling for the HaloTag,
along with some nonspecific labeling in the dense A-band region.
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This result might be a bit confusing, so we can repeat the experiment again, but with force
feedback on the motor used to stretch the myofibril. Maintenance of a constant force on the
myofibril as the calcium levels rise would allow one to directly calculate the proportions of force
that are directed through the titin and actomyosin structures. As the calcium level rises, the FRET
ratio of the force sensor would again begin to grow as the force is shunted away from titin. At
the critical level where the titin domains begin to fold (around 6-8 pN), there should be a plateau
of the FRET ratio, accompanied by a shortening of the sarcomere. If the FRET ratio grows as
the muscle shortens, this is simply because the thick filament is advancing towards the Z-disc,
causing the force per titin to drop. But if the FRET ratio remains unchanged while the muscle
fiber shortens, this is a signature of titin folding under a constant force, and would provide direct
evidence that titin folding can produce enough force to assist in muscle contraction.
Measuring the speed of folding in intact myofibrils
Assuming the fluorescence signal could be measured fast enough to provide a strong signal dur-
ing contraction experiments, one could make a direct test of whether or not titin actually goes
slack during a constant-load muscle contraction. Such an experiment would be performed first by
stretching a muscle to its maximum in vivo sarcomere length to separate the fluorophores in the
FRET pair. The muscle would be stimulated to contract through the addition of calcium and ATP,
after which the force would be clamped at some fraction of the maximal isometric force. These
experiments routinely show an initaly elastic recoil followed by a constant velocity shortening of
the fiber. In any scenario, the force on titin should drop during the initial elastic recoil phase.
However, if titin goes slack, then there should be a biphasic response during and after the constant
velocity shortening. If the thick filament can outrun titin folding, then it would cause the force
on titin to drop very rapidly. After shortening is complete, titin would refold and the force would
rise again. Alternatively, if titin keeps pace with the thick filament, the force on titin should drop
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as the fiber shortens at constant velocity, and stay at the final force value after the contraction is
complete.
8.2 First steps in developing a mouse model
The first steps towards development of such an in vivo tool have already been achieved. A mouse
model containing a knock-in of the HaloTag enzyme in the distal portion of the I-band has served as
a multi-purpose tool for the biophysical characterization of titin. HaloTag recognizes and covalently
binds to a chloroalkane substrate that can be attached to a variety of organic fluorophores with
excellent imaging properties. Unlike antibodies, the chloroalkane ligands are very small and can
easily permeate the sarcomere to achieve high density labeling. By placing an orthogonal labeling
site such as SNAP-Tag, CLIP-Tag, or TMP-tag next to the HaloTag a genetically encoded sensor
similar to those described above can be achieved [15] (Figure 5C). This has the advantage over
the previously described genetically encoded force sensors of being able to use organic dyes with
properties superior to those of fluorescent proteins. The set of fluorophores used may also be
adapted to the experiment at hand, be it single muscle fiber stretching experiments or in vivo
imaging. In addition to the HaloTag, the current mouse model also contains a TEV (viral) protease
site. Unlike previous attempts to cleave the titin molecule [16, 17], this would permit highly specific
cutting of either half of the titin molecules (in a mouse heterozygous for the knock-in) or all the
titin molecules (in a homozygote) to better understand the role of titin in muscle elasticity and
force generation. Several simple checks were made to ensure that the knock-in mouse was correctly
made and that the HaloTag and protease sites were working correctly. The easiest way to test the
HaloTag is to purify myofibrils from different mouse muscles and stain with fluorescently labeled
HaloTag ligand. We used Alexa488 labeled HaloTag ligand and phalloidin-Alexa633 to stain the
muscle fibers. Phalloidin stains the free parts of the actin filaments (from the z-disc up to where the
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Figure 8.3: HaloTag mouse model to study native titin. (A) Knock-in locus in titin, where a copy of the HaloTag
gene has been introduced at the end of the exon 225 (encodes Ig86). (B) The multi-tool TEV-HaloTag-EK cassette is
located at the end of the I-band, which allows tagging of the intact tissue with fluorescent labels and after extraction
of titin, single molecule manipulation using HaloTag anchors. (C) Single myofibril decorated with Halo-ligand-
Alexa488 and phallodin-Alexa633. White arrow heads indicate the position of two juxtaposed Halo-tagged I-bands
(doublet, upper panel). Between them, a purple arrow head indicates the position of the Z-band (lower panel). (D)
Low cross-linking polyacrylamide gels, confirming that titin molecules purified from labeled myofibrils contain the
Alexa488-labeled HaloTag. (E) Location of the TEV and enterokinase (EK) site relative to the HaloTag. (F) Western
blot showing cleavage of titin after TEV digestion: (left) blot against titin Ig20 domain shows that the I-band segment
of titin has a lower molecular weight than the A-band segment. (right) blot against titin M-line domains before and
after TEV digestion tracks the titin A-band.
thick filament starts) and is clearly seen in pink in the figure. The HaloTag appears as a doublet
of bright fluorescent green bands around the Z-disk, finishing at the same place as the phalloidin
because it is also located just at the I/A-band junction. Titins purified from these myofibrils
through high salt extractions of the actin and myosin filaments could also be fluorescently labeled
and cut using the TeV protease. In the presence of TeV, a western blot against a domain in the
I-band of titin shows a single, shorter band, indicating complete cleavage.
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Measuring contraction velocity from real titin molecules
Because the titin extracted from the myofibrils has a terminal HaloTag, it can be easily anchored in
the flow cells used in our magnetic tweezers experiments. In order to pull on the z-domains at the
N-terminus of the titin molecule, we have devised a functionalization of the Invitrogen amino-coated
dynabeads using 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC) to conjugate anti-I1 (T12)
antibodies. These antibodies pick up the native titin molecules with a strong enough bond that the
molecules can withstand forces up to nearly 100 pN. These native domains show a mixture of 13
and 25 nanometer steps, suggesting that a portion of the titin Ig domains contain oxidized disulfide
bonds. Capturing the folding of such long molecules requires ultra-fast force quenches that were
not possible with the permanent magnet setup and will have to be explored with our new magnetic
tape head magnetic tweezers.
8.3 New frontiers in force spectroscopy & mechanobiology
The fields of mechanobiology and force spectroscopy will continue to advance with the help of each
other as new technologies and new ideas come forward. There are many other systems besides
muscle that need to be dissected using single molecule force spectroscopy techniques. Many of the
components of cellular stress fibers, which transduce force from the extracellular environment to
the nucleus, have not yet been studied using force spectroscopy. While talin and vinculin have
been unfolded and refolded using magnetic and optical tweezers, the extracellular integrins, inner
nuclear membrane SUN and KASH proteins, and the proteins of the nuclear lamina – lamin A/C
and lamin B – have yet to be studied using these techniques. There are a large number of actin
crosslinking proteins that are members of the spectrin repeat family that are responsible for the
elastic deformation of tissues: erythocytic and neuronal spectrin, dystrophin, alpha-actinin, and
nesprins. And finally there are a huge number of extracellular proteins that are mechanically active,
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Figure 8.4: Unfolding native titin molecules anchored with HaloTag purified from the HaloMouse. (A) Normal
procedures for titin extraction from mouse muscle tissue are mild enough to preserve the activity of the HaloTag.
After extraction and gel filtration of the native titin molecules, they are attached to glass coverslips functionalized
with Halo Ligand. The N-terminus of the titin molecule is picked up using antibodies against the I1 domain. (B-D)
Sample traces of titin unfolding from three different mouse muscle groups: gastrocnemius, cardiac, and soleus. Soleus
is a very long titin isoform and therefore has more Ig domains in the I-band region. Pulling from these molecules
reveals more unfolding events on average. (E) Histogram of the observed step sizes from cardiac titin, revealing a
bimodal distribution. Because of the high density of disulfide-forming cysteine residues in the I-band, these are likely
oxidized Ig domains.
including integrins in eukaryotes and the pili and other adhesive structures of infectious prokaryotes.
All of these proteins deserve careful examination using magnetic tweezers techniques. Finally, one of
the most exciting frontiers of single molecule force spectroscopy is its ability to help us understand
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and assay chaperone function. With new chaperones still being discovered in bacteria and the
importance of chaperones in the homeostasis of certain cancers and neurological diseases being
increasingly recognized,the ability to study chaperones function could lead to the development of
potentially useful antibiotics and therapeutics. The challenge right now for the protein magnetic
tweezers is to scale from observation of a single folding molecule to hundreds or even thousands
in parallel, to enable high-throughput studies of chaperone activation and inhibition. It will be
exciting to see how the magnetic tweezers evolves as it is pushed forward by new ideas and the
desire to better understand protein folding.
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Theories of Brownian Motion
Protein folding trajectories on a free energy surface can be simulated using simple numerical tech-
niques. This can be incredibly useful for reproducing the stochastic nature of a folding polypeptide
or understanding the response of a thermodynamic barrier to an applied force. Simulated trajecto-
ries can then be used to measure distributions of lifetimes, rupture forces, and changes in extension
during both equilibrium and non-equilibrium protein folding experiments. Here is demonstrated
the equivalence of two different approaches to understanding diffusion, one based on the develop-
ment of a probability density of particles, and the other based on random walk trajectories of single
particles.
A.1 Diffusion in an external field
A mathematical description of Brownian motion for single particles began with Einstein’s demon-
stration that the mean square distance traveled by a microscopic particle in one dimension was
〈x2〉 = 2Dt. This result can be easily derived from Fick’s law, which provides a phenomenological
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relationship between particle flux, j, and local concentration c,
j(x, t) = −D δc
δx
(A.1)
where the units of flux are concentration (or probability density) passing through a surface area
per time. This linear relationship between the flux and concentration gradient only holds true for
dilute solutions. When the solution is not dilute, higher order nonlinear terms, and therefore other
proportionality constants besides the diffusion coefficient D must be introduced. By substituting













With the initial condition c(x, t = 0) = δ(x − x0), the solution of the diffusion equation has a
Gaussian form, which broadens with time but retains its mean at its original position which is here











This solution demonstrates that the ensemble averages of the many particles considered here in the
diffusion equation yield the same results as the observation of a single Brownian particle undergoing
a random walk for a long period of time (here we assume that the total concentration over all space




c(x, t)x2dx = 2Dt (A.5)
This can be easily extended to three dimensions by integration over spherical coordinates, for which
the mean square excursion is 6Dt. The diffusion equation may also be extended to the case where
the particles are subjected to an external, time-independent potential U(x). Now, in addition to
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the diffusive flux, there is also drift due to the external field. The terminal velocity of the particles
is proportional to the external field by a factor of ζ, which is known as the friction constant and is






The convective flux due to the external field is equal to cv, so the total particle flux due to both
diffusion and convection is simply













By combining (7) and (8) with the equilibrium condition, one can show that the diffusion coefficient





This is known as the Einstein relation for uncharged particles, and reveals the connection between
the diffusion coefficient and drift in weak external fields. With this knowledge, the total particle
flux (7) can be rewritten as




























This is the Smoluchowski equation and describes the development of a concentration distribution
within an external potential described by U(x). If the diffusion constant, and hence the friction
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constant, is constant over space, then the flux can be further simplified to





(kBT log c+ U) (A.12)
In this flux equation, the term kT log c + U is easily recognized as the system chemical potential.
Hence at equilibrium in the external field, there will still be a concentration gradient, but the
gradient of the chemical potential will be equal to zero everywhere. Thus is demonstrated the link
between thermodynamics (canonical ensemble) and particle diffusion in an external potential.
A.2 The Langevin equation
While the Smoluchowski equation can describe the evolution of a concentration or probability den-
sity subjected to an external field over time, it is also possible to determine the trajectory of a
single microscopic state from the ensemble. Langevin’s formalism for describing Brownian motion
simply uses Newton’s equations of motion with an additional term to satisfy requirements imposed
by thermodynamics. Langevin dynamics greatly reduces the number of degrees of freedom in a
system, here to a single coordinate axis, allowing simulation of equilibrium and nonequilibrium
phenomenon on timescales much longer than those accessible by molecular dynamics type sim-
ulations. All parameters and coefficients from the Smoluchowski equation map directly to the
Langevin equation, keeping in mind that the drag on a single particle undergoing Brownian motion
is ζ = 6πηa where a is the hydrodynamic radius and η is the solvent viscosity. Newton’s equation
of motion for a single particle immersed in a fluid is then
mẍ(t) + ζẋ(t) + Fext(t) = 0 (A.13)
where Fext is the sum of all external forces acting on the particle. For the simple case of diffusion
in the absence of any external fields, this equation may be rewritten as
v̇(t) + γv(t) = 0 (A.14)
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where γ = ζ/m = 1/τ describes the relaxation rate of a particle with an initial velocity v(0). Thus
the solution to this equation of motion is v(t) = v(0)e−t/τ and predicts that the velocity of the
particle decays to zero after infinite time. We know from the equipartition theorem that the root
mean square velocity of a Brownian particle is nonzero, so an addition term must be added to the
equations of motion.




where Ftherm is the random force, also known as the Langevin force, due to collisions with the
solvent. The many degrees of freedom of the solvent are reduced to a single randomly fluctuating
term, making computation much more feasible. The amplitude of the random force is defined as
Ftherm = (2kBTζ)
1/2η(t) where η(t) is the derivative of a Weiner process. Thus
〈η(t)〉 = 0 〈η(t)η(t′)〉 = δ(t− t′) (A.16)
for all t, t′. This latter property is the correlation function of the random force, represented as a
delta function because the Langevin forces are uncorrelated on timescales larger than the duration
of a collision between our Brownian particle and a solvent molecule. A random force with these
properties is also known as Gaussian (white) noise, meaning that the spectral distribution of the
noise is independent of the frequency ω. Situations in which the fluctuating random force has a
frequency dependency are called colored noise (e.g. red, pink) but are not relevant to the systems
studied here (see Appendices). It can be proven that the amplitude of the fluctuating random force
is equal to 2ζkBT by integrating the full Langevin equation and invoking the equipartition theorem
(see chapter 3 of Risken for derivation).
In order to simulate particle trajectories with the Langevin equation, it is useful to first rewrite
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it as a system of two coupled first order differential equations





− ζv − Fext + (2kBTζ)1/2η(t)
)
(A.18)
which describe the full inertial motion of a Brownian particle. This set of equations is only necessary
when the particle undergoing diffusion is much more dense than its surrounding medium. This is
actually the case for silicon nitride AFM cantilevers in air, and also untethered cantilevers in
solution, far away from a pulling surface. However, full treatment of these equations is rarely seen
outside of molecular dynamics simulations due to the difficulty of integration. When taking into
account inertia, the damping term can become very large, making the derivatives very steep or
“stiff”. Nonetheless, the above equations can be solved analytically to show (in one dimension)







− (1− e−t/τ )
)
(A.19)
This result demonstrates that on short timescales t τ that 〈x2〉 = (kBT/m)t2 = 〈v2〉t2 which is
consistent with ballistic motion. On the other hand, when t  τ then 〈x2〉 = (2kBT/ζ)t = 2Dt.
This proves the equivalence of the Smoluchowski equation, starting from the phenomenological
equations of diffusion, and the Langevin equation, starting from Newton’s equations of motion
with an added random force for describing Brownian motion.
A.3 The overdamped limit
Single molecule systems studied in biophysics typically have densities and diffusion coefficients on
the same magnitude as their surrounding medium. Thus single proteins, and even systems as large
as cells, operate at very low Reynolds numbers. The Reynolds number, defined as Re = avρ/η
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is a dimensionless quantity representing the ratio of inertial forces (numerator) to viscous forces
(denominator). The instantaneous root mean square velocities of a Brownian particle are vrms ∝√
kBT/m which is vanishingly small for globular proteins in solution. The corresponding Reynolds
number for a bacterium is on the order of 10-4 while for molecular motors it is even smaller at
10-8, making the inertial components negligible. In force spectroscopy experiments, the dynamics
of the system are dominated by the massive, large diameter probe (e.g. colloidal particle or AFM
cantilever) attached to the protein of interest. Yet even for a 2.8 µm super-paramagnetic bead,
the viscous forces dominate over the inertial. Another way to rationalize this is to consider the
relevant relaxation time of the velocity, τ = m/ζ which determines which timescales over which
the particle will transition from ballistic to diffusive motion. For the 2.8 µm bead, the relaxation
time is approximately 700 ns, which is far below the timescales of the folding/unfolding dynamics
we are interested in observing, and is additionally well outside the temporal resolution of current
force spectroscopy instrumentation.
Thus, in nano- to micro-scale systems, one can then ignore the effect of inertia on the dynamics
which is also called the overdamped limit. This version of the Langevin equation is equivalent to






− Fext + (2kBTζ)1/2η(t)
)
(A.20)
which is sometimes more common to write in terms of the diffusion, rather than drag, coefficient




This equation can be easily integrated using simple numerical techniques such as Euler-Maruyama
integration, provided that the time-step scaling is small enough (see Appendices). This equation is
a swiss army knife for understanding single molecule trajectories because the external force term,
Fext can include any number of static or time-dependent components such as free energy landscapes,
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force perturbations, to replicate real experimental conditions. This allows for simulation of both
equilibrium (force-clamp) and nonequilibrium (force-ramp and other dynamic loading procedures)
in silico to verify experimental results.
A.4 Thermally excited harmonic oscillator
A simple model that is useful in understanding force spectroscopy experiments is the simple har-
monic oscillator (SHO) submerged in a heat bath. This is an appropriate model for an AFM
cantilever, or bead in an optical trap, or a bead tethered to a polymeric molecule in a magnetic





The external forces acting on the particle are then Fext = −δU/δx = −κx. The full Langevin
description is then





− ζv − κx+ (2kBTζ)1/2η(t)
)
(A.24)
These coupled equations can be solved sequentially given some set of initial conditions for the
position and velocity. This model can be solved analytically to find the shape of the power spectrum
of an SHO system in the frequency domain, and can also be solved numerically to simulate the
fluctuations of an untethered AFM cantilever as we will do next.
A.5 Numerical Methods
The simplest method for integration is an extension of Euler integration, adapted for stochas-
tic differential equations, which is called the Euler-Maruyama method. The numerical recipe is
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as simple as a single line of code inside of a loop, provided that one can call a number genera-
tor that draws random samples from a normal distribution. However, the gradients involved in
solving the underdamped Langevin equation can become very large or very small, depending on
the region of phase space that the system is in. In order to efficiently simulate this equation, I
will use a convenient adaptive solver package written for the Julia programming language. The
DifferentialEquations.jl package contains several adaptive solvers which vary the time step
based on the magnitude of the local gradient. This speeds up the simulation and improves accuracy
greatly. The code used to produce the simulated figures is reprinted here.
LANGEVIN.jl
1 using DifferentialEquations
2 using Plots; gr()
3
4 # use ngs units (nanometers , grams , seconds (pN = nm*g/s^2))
5 kT = 4.071 # thermal energy
6 a = 15e3 # radius of cantilever in nm
7 # a = 1.4e3 # radius of the bead in nm
8 nu = 0.9532e-9 # viscosity of water
9 rho = 3.44e-21 # density of cantilever in grams
10 # rho = 1.4e-21 # density of the bead in nm
11 zeta = 6*pi*a*nu # friction coefficient
12 m = 4/3*pi*a^3*rho # mass of probe
13 sigma = sqrt (2*kT*zeta)
14 D = kT/zeta # Einstein diffusion coefficient
15 kappa = 15.0 # trap stiffness pN/nm
16 tau = m/zeta
17 vrms = sqrt(kT/m)
18
19 println("zeta = ", zeta , "\n",
20 "sigma = ", sigma , "\n",
21 "D = ", D, "\n",
22 "tau = ", tau , "\n",
23 "vrms = ", vrms)
24
25 function langevin_ode(du, u, p, t)
26 du[1] = u[2]




30 function langevin_sde(du, u, p, t)
31 du[1] = 0
32 du[2] = sigma/m
33 end
34
35 dt = 1.0e-6
36 prob = SDEProblem(langevin_ode , langevin_sde , [0.0, vrms], (0.0, 0.001))
37 sol = solve(prob , EM(), dt = dt)
38
39 x_matrix = zeros (1001 , 100000)
40 x_matrix [:,1] = getindex .(sol.u, 1).^2
41
42 v_matrix = zeros (1001 , 100000)
43 v_matrix [:,1] = getindex .(sol.u, 2).^2
44
45 for i = 2:100000
46 sol = solve(prob , EM(), dt = dt)
47 global x_matrix[:,i] = getindex .(sol.u, 1).^2
48 global v_matrix[:,i] = getindex .(sol.u, 2).^2
49 end
50
51 t = sol.t
52
53 phase = plot(sol ,
54 plotdensity = 100,
55 vars =(1 ,2),
56 framestyle = :box ,
57 linewidth = 1,
58 size = (400 ,400),
59 xlabel = "position (nm)",
60 ylabel = "velocity (nm/s)",
61 legend = :none ,
62 linecolor = :black ,
63 formatter = identity)
For numerical simulation of the Langevin equation there some other factors to consider. An
important, and often overlooked, starting point is the choice of units when performing the simula-
tion. Single molecules have characteristic time, length, and energy scales many orders of magnitude
smaller than typical SI units (kg, m, s). This can become problematic during numerical simulations
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as the smallest number represented by a float is approximately 1.0 E-38. Gradients encountered
when integrating the stochastic differential equations may approach this limit. One technique for
overcoming these limitations is to non-dimensionalize each unit according to a characteristic scale
that is derived from the system parameters. Another approach is to chose units so that computed
quantities are on the order of unity. This can be easily done for systems simulated here by consid-
ering a nanometer-gram-second (NGS) system of units. This system has the fortuitous properties
that 1 g nm s−2 = 1 pN and kBT = 4.071 pN nm at 295 K. Using the NGS system of units prevents
any unwanted numerical instabilities that may arise during the integration. This code was run for
both the underdamped and overdamped case, and the results are summarized in the figure below.
Figure A.1: This plot is from the Langevin simulation of an AFM cantilever. The simulation parameters are based
on the MLCT cantilever (Bruker) that is commonly used for protein force spectroscopy. The “C” cantilever on this
chip has a nominal stiffness of 15 pN nm−1. It is clear from the ringing of the cantilever that this not an overdamped
system, as the momentum actually contributes to the cantilever trajectory.
We can see that for an untethered cantilever with a stiffness of 15 pN nm−1, the brownian
fluctuations are cyclical, generating the ring like density on the phase plot of position versus velocity.
This is even more apparent when the velocity and position are plotting separately. Although the
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fluctuations in position have a peak to peak amplitude of about 2 nanometers, this equates to an
uncertainty in the force of 30 piconewtons. This is the main reason why it is difficult to observe
low force conformational changes of proteins using standard AFM cantilevers. For further reading
on the mathematics of Brownian motion and how to simulate it see [1–7]
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Appendix B
Voice coil control circuit
The heart of the magnetic tweezers is the voice coil, which allows the magnets to be positioned
reliably and with great precision. This is all thanks to the custom built feedback circuit, which was
mostly designed and tested by Erik Helmstrom, a physics undergraduate who helped us in the lab.
The controller circuit is a proportional-integral-differential (PID) feedback circuit that is somewhat
similar to the one used to provide force clamp in the AFM. The main difference here is that we are
controlling an inductive load rather than a capacitive one. The voice coil contains an optical sensor
which reads its axial position with submicron accuracy. This generates a voltage that is compared
to a command voltage from our DAQ to generate an error signal. This is further fed to the PID
stages, and then finally to a power amplifier which sends high current signals into the voice coil for
fast positioning. Although it is possible to operate the circuit with a bandwidth of over 1,000 Hz,
this results in such abrupt accelerations and decelerations of the magnet that it shakes the whole
microscope. Therefore, we have inserted a low pass filter over the command voltage to limit the
bandwidth to roughly 50 Hz. Based on the needs of the user, the cutoff frequency can be adjusted
by changing the capacitor over the input op-amp or by removing it altogether.
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Figure B.1: Eagle CAD circuit schematic for the voice coil controller
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Figure B.2: Eagle CAD circuit layout sent to the PCB manufacturer
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We have provided here the circuit schematic and circuit layout, which were designed with the
Eagle pcb design suite (Autodesk). The latter was sent to seeedstudio’s fusion PCB service for
manufacture https://www.seeedstudio.com/fusion_pcb.html. The boards we received from
them worked perfectly. Any power supply, switching or linear, can be used with our circuit,
provided it has ±15 V and +5 V outputs. All op-amps used in this circuit are Texas Instruments
LF356 chips, with the exception of the power amplifier which is a LM3886 series audio amplifier.
Due to the high currents sinked by the LM3886, we attach a large aluminum heatsink to passively
cool it during operation. The capacitor on the integral op-amp is a Cornell-Dubilier 0.1 µF “Orange
Drop” rated up to 400 V.
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